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a b s t r a c t
As the attraction of creating biofuels and bio-based chemicals from lignocellulosic biomass has
increased, researchers have been challenged with developing a better understanding of lignin structure,
quantity and potential uses. Lignin has frequently been considered a waste-product from the
deconstruction of plant cell walls, in attempts to isolate polysaccharides that can be hydrolyzed and
fermented into fuel or other valuable commodities. In order to develop useful applications for lignin,
accurate analytical instrumentation and methodologies are required to qualitatively and quantitatively
assess, for example, what the structure of lignin looks like or how much lignin comprises a speciﬁc
feedstock's cellular composition. During the past decade, various diverse strategies have been employed
to elucidate the structure and composition of lignin. These techniques include using two-dimensional
nuclear magnetic resonance to resolve overlapping spectral data, measuring biomass with vibrational
spectroscopy to enable modeling of lignin content or monomeric ratios, methods to probe and quantify
the linkages between lignin and polysaccharides, or reﬁnements of established methods to provide
higher throughput analyses, less use of consumables, etc. This review seeks to provide a comprehensive
overview of many of the advancements achieved in evaluating key lignin attributes. Emphasis is placed
on research endeavored in the last decade.
& 2015 The Authors. Published by Elsevier Ltd. This is an open access article under the CC BY-NC-ND
license (http://creativecommons.org/licenses/by-nc-nd/4.0/).
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1. Background
Lignin, a major component of land plants, has been routinely
analyzed due to its importance in the structural properties of wood
and in determining the digestibility of plant material by animals. As
the global effort to identify ideal lignocellulosic feedstocks for biofuel
production has evolved, the importance of understanding lignin
structure, composition, and quantity within plant cell walls has proven
to be paramount. Lignin is a three-dimensional, complex biopolymer
comprised of phenylpropanoid, units, speciﬁcally syringyl (S), guaiacyl
(G), and p-hydroxyphenol (H) monomers (Fig. 1), linked via dehydro-
genation reactions [1]. These phenylpropanoid moieties originate from
hydroxycinnamyl alcohols, and to a lesser degree, cinnamaldehydes.
Fig. 2 illustrates a schematic representation of lignin including
phenylpropanoid units and lignin–lignin linkages.
The functions of lignin encompass the strengthening of plant
cell walls, providing resistance against microbial attack, and
playing a crucial part in water transport by reducing cell wall
permeability [1]. The ratio of S/G functionalities in the cell wall can
help deﬁne the degradability of lignin, as some studies have
reported that higher S-lignin led to increased removal of lignin
with concomitant increases in sugar yields [2–4]. The importance
of S/G ratios on lignin deconstruction, and subsequent sugar
release appears to be feedstock dependent, however, as decreases
in the metric have also been measured to result in higher sugar
production [5]. Plants with low lignin content can facilitate
enzymatic degradation by allowing the enzymes greater accessi-
bility to cellulose [6]. Lignin also can irreversibly bind cellulase
enzymes, thereby diminishing the catalytic potential sugar release,
making its reduction highly desirable [4,7–9].
A variety of biomass pretreatment strategies can be employed
to deconstruct or delignify plant cell walls. These techniques
include treatment with ionic liquids (ILs), bases, such as ammonia,
sodium chlorite or sodium hydroxide, organic solvents, and ozone
[10–14]. The deligniﬁcation of plant cell walls generates substan-
tial waste streams that can be utilized in the formation of bio-
based chemicals and products. For instance, lignin's diverse
marketability includes automotive brakes and tires, wood panel
products and preservation, polyurethane foams, a coal substitute, a
binder in animal feed, an ingredient in pesticide formulation,
industrial cleaners, and concrete, to name a few [15–18]. Zakzeski
et al. have provided an elegant, comprehensive review examining
the development of catalytic pathways and techniques for the
valorization of lignin into useful products [19].
In 2005, Hatﬁeld and Fukushima presented a survey of analy-
tical techniques entitled “Can lignin be accurately measured?”
[20]. The authors evaluated a variety of wet chemical techniques
such as acetyl bromide, acid detergent, Klason, and permanganate
oxidation, as well as instrumental methods like near-infrared (NIR)
spectroscopy, nuclear magnetic resonance (NMR) spectroscopy,
and ultraviolet (UV) spectrophotometry. Other notable reviews
have provided a framework of how speciﬁc analytical tools, such
as wet chemical techniques [21,22], mass spectrometry (MS) [23],
thermochemical conversion [24,25], NMR [21,26–31], and electro-
nic and vibrational spectroscopy [26,29,32–38], have aided in
lignin analysis. Additionally, Brunow and Lundquist recently
reviewed functional groups present in lignin and linkages between
lignin and carbohydrates [39]. This review seeks to provide an
assessment of the progress made in studying lignin qualitatively
and quantitatively over the last decade, encompassing wet che-
mical, chromatographic, microscopic, thermochemical, and spec-
troscopic advancements (Table 1). A summary of dominant
advantages and disadvantages of each technique for lignin assess-
ment is provided in Table 2. Emphasis will be on evaluation of
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lignin's structure, lignin–lignin and lignin–carbohydrate linkages,
molecular weight, total content, and monomer composition.
2. Lignin structure
2.1. Wet chemistry
As the quest for rigorous analytical tools capable of probing the
enigmatic structure of lignin has ensued, a variety of progressive
techniques have emerged. Wet chemical methods for the mea-
surement of speciﬁc lignin functional groups have previously been
described and reviewed [40–51]. The techniques include detection
of carbonyl [40,46,51], carboxyl [43], aliphatic and phenolic
hydroxyl [42,48,51], methoxy [41,51], condensed units [49], and
free phenolic groups [45,51]. Although these methods have been
utilized for decades, the structural complexity of lignin has made
the reproducible assessment of speciﬁc functionalities challenging.
The method used to isolate lignin can change the original structure
leading to erroneous measurements of functionalities. Although
there have been relatively few advancements in wet chemical
techniques for lignin structural analysis, a few recent studies are
worth noting. Eshkiki et al. developed a novel method for the
titration of free phenolic hydroxyl groups [45]. The analysis of
these moieties can aid in developing delignifying strategies. Lignin
was reacted with chlorine dioxide (ClO2) at 0 1C for 30 min. The
rate of ClO2 consumption was monitored using iodometry. The
authors found that this protocol could be directly applied to pulps,
eliminating the need for extracting the lignin. An inter-laboratory
study of analytical methods employed for sulfur-free lignin char-
acterization revealed erroneous results obtained from acetylation
of phenolic hydroxyl groups, whereas the use of tetra-n-
butylammonium hydroxide in the potentiometric titration of
phenolic and carboxyl groups was found to provide correlative
results between labs [47]. Ultimately, reproducible, in situ mea-
surements of lignin structure have been coveted for decades.
Fig. 2. Schematic representation of lignin including syringyl (S, blue), guaiacyl (G, green), and p-hydroxyphenol (H, red) phenylpropanoid moieties, and lignin–lignin
linkages. (For interpretation of the references to color in this ﬁgure legend, the reader is referred to the web version of this article.)
Fig. 1. Three fundamental lignin monomers (and their respective phenylpropa-
noids): sinapyl alcohol (syringyl (S)), coniferyl alcohol (guaiacyl (G)), and p-
coumaryl alcohol (p-hydroxyphenol (H)).
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Table 1
Methods for lignin analysis.
Wet chemistry Chromatography Thermo-chemical Spectroscopy Other
Lignin structure Functionality speciﬁc
reactions [40–44,47–50]
CZE [52] APPI-MS [67] CRS Microscopy [116,117] AFM [178]
GC [44] DFT [88,180]
GCMS [171] DE-MS [62] Dispersive Raman [92–96]
DSC [60]
ClO2 [45] GLC-FID [54] ESI/MS [77] Potentiometry
[44]
Modiﬁed oximation [46] GLC-MS [54] MALDI-MSI [68] Ellipsometry [179]
Headspace GC [55] SEM [71,75]
MALDI/TOF [73] Fluorescence [102,103,120,131,176,177] TEM [103]
RP-HPLC [53]
MBMS [75]
FTIR [13,44,61,65,75,78,79,81,92,93,109,110,118–
139,196]
pyGC/FID [66]
pyGCMS [60–64]
FT-Raman [33,84–91]
pyTMAH [59,65]
NMR [13,44,54,59–61,64,67,78–
81,91,110,119,121,123,127,128,132–135,137,141–
171,196]
QqTOF-MS [67]
TGA [78–83]
TOF-SIMS [69–72,74,76]
Optical absorption [75]
NIR [181]
Raman imaging [97–104]
Resonance Raman [105,106,108,112,113]
UV-Raman [107–111,114]
UV [44,115,128,129,133,174]
UVMSP [173,175]
Lignin–carbohydrate,
lignin–lignin linkages
Periodate oxidation/GC
[185]
GC [189] MALDI/TOF [73] NMR [54,59,61,132,135,137,157–161,165–
167,172,182–184,186,190,192–195,319]
GCMS [65,191]
Permanganate oxidation
[60]
GLC-FID [54] pyGCMS [182,183,190]
GLC-MS [54]
LC [187,188]
Ozonation [161] SEC [182,184–186] pyTMAH [59,65]
Thioacidolysis [182–185]
Lignin molecular weight Acetobromination [221] GPC [61,134,150,163,167,169–171] FT-ICR-MS [223] Light scattering
(MALLS)
MALDI/TOF [73,78]
[178,224]
SEC
[64,77,81,128,129,135,147,183,184,196,222,224]
Total lignin content Acetyl bromide [225–227] pyGC/FID [66,238–240] Fluorescence [277,278] Color image
analysis [289]
Acid-insoluble lignin
[229,233,234]
pyMBMS [241–243] FTIR [92–94,252–255,320–323]
TGA [244–247]
FT-Raman [248–251]
J.S.Lupoi
et
al./
R
enew
able
and
Sustainable
Energy
R
eview
s
49
(2015)
871
–906
874
Klason [227,228,230,231]
NIR [93,178,241,256–279]
Permanganate oxidation
[237]
NMR [80,140,146,152,169,287,288]
TAPPI standard method
[230]
Photoacoustic [286]
Van Soest [227,235,236]
UV-Raman [107]
UV–vis [108,125,132,142,232,280–285]
Lignin monomer
composition
Acidolysis [297,302] CZE [52] DE-MS [62] Dispersive Raman [95,96]
DFRC/GC [57–59,159] MALDI-MSI [68]
FTIR [65,124,130,134,252,314,317]
Cupric oxide
[291,292,294,324]
GC-FID [135] pyGC/FID [66,126,240,305]
HS-SPME/GCMS [56]
FT-Raman [315–317]
Permanganate oxidation
[291]
pyGCMS [13,59,61–
65,156,157,159,183,293,295,298–
301,303,308,324]
UPLC-MS/MS [311] NIR [163,268,304,312,313,317]
Nitrobenzene Oxidation
[291,292]
NMR [61,64,78,81,128,134,137,141–
143,146,154,156,158,161,166,167,318,325]
Thioacidolysis
[196,296,304,307,324]
pyMBMS [4,5,242,243]
SVUV PIMS [306]
UV-Raman [111,112]
TOF-SIMS [70]
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Table 2
Advantages and disadvantages of analytical methods used for assessing lignin.
Method Advantages Disadvantages
Fluorescence spectroscopy  2-3 orders of magnitude more sensitive than
UV/vis [37]
 Can probe relative lignin content based on
brightness in imaging techniques [103]
 Capable of localization of lignin in plant cell
wall [103,131,176]
 Lignin reveals strong ﬂuorescence [96]
 Cheap instrumentation [277]
 More selective than absorbance [37]
 Non-destructive [277]
 Requires ﬂuorophore (intrinsic or through
labeling) [277]
 Has not led to robust predictive modeling
[277]
GC  Better spectral resolution than HPLC [326]
 Selectively analyze only volatile species [326]
 Headspace sampling limits clean-up
requirements [56,327]
 Destructive [326]
 Requires volatile molecules, or must
derivatize to promote into gas phase [328]
HPLC  Diverse separation conﬁgurations and
molecular polarities [329]
 Non-destructive; can collect fractions [330]
 Separation of non-volatile or thermally
unstable molecules [330]
 Long analysis times [328,331]
 May require sample clean-up [327]
MS  Can be used for MW determination [23]
 Rapid analysis [23]
 Selectivity [23]
 Sensitivity [23]
 Variety of different ionization strategies [23]
 Destructive [23]
MIR spectroscopy  Use of attenuated total reﬂectance can
remove water contribution to spectra [332]
 More intense spectra than NIR or Raman
[333–335]
 Non-destructive [36,332]
 Little-to-no sample preparation [332]
 High-throughput [332]
 May require speciﬁc sample preparation (i.e.,
KBr pellet) [33]
 Spectral sensitivity to water; may require
extensive sample drying [332,334]
NIR spectroscopy  Cheaper instrumentation [336,337]
 Field-portable [331,338]
 High-throughput [35,331,332]
 Non-destructive [35,332]
 Little-to-no sample preparation [332]
 Water-tolerant [335]
 Requires multivariate analysis [332,338]
 Measures predominantly C-H, N-H, O-H, and
S-H bonds [332,335]
 Physical differences in samples detrimental
to spectra [335]
NMR  Un-paralleled structural information
available [27]
 Multi-dimensional NMR provides enhanced
spectral resolution [26,27]
 Non-destructive [27]
 Non-invasive [27]
 Recent advances probing higher-throughput
capabilities [339]
 Lignin quantitation is difﬁcult due to spectral
overlap [26]
 Most techniques considered low-throughput
[95]
 Lack of spectral resolution, especially in
lignin region [27,162]
 Lack of sensitivity [27]
 Costly instrumentation [340]
Pyrolysis  Eliminates need for lignin isolation [23]
 High-throughput (MBMS) [242]
 Facile sample preparation [239]
 Enables detailed structural characterization
of pyrolysis products [23,239]
 Small sample amounts [23]
 Destructive [23,300]
 Potentially complex data analysis (i.e., which
fragments should be included in monomer
quantitation [59,300]
Raman spectroscopy  Complimentary to mid-IR [334]
 Field-portable [341,342]
 High-throughput [95,315]
 Multiple excitation sources available
[333,343]
 Non-destructive [95]
 Little-to-no sample preparation [95]
 Strong signal from lignin [95]
 Surface enhancement capabilities [344]
 Water-tolerant [95]
 Self-absorption from colored analytes such as
lignin [345]
 Relatively weak phenomenon, compared to
IR [334]
 Cell-wall phenolics can interfere with lignin
measurement; need to extract biomass
containing high-extractables [95]
 Fluorescence can mask signal [96]
SEC  Conventional instrument [222]
 Expansive array of detectable masses in
single step [222]
 Association of lignin molecules complicates
measurement [23,221]
 Complicated by polydispersity [23]
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2.2. Chromatography
While chromatographic methods are often employed in con-
junction with wet chemical methodology, a few instrumental
developments probing lignin structure are worth discussing
[44,52–56]. Aromatic lignin compounds, derived from naturally
and artiﬁcially aged paper were identiﬁed using capillary zone
electrophoresis (CZE) [52]. Quantitation of acetosyringone,
4-hydroxyacetophenone, 4-hydroxybenzaldehyde, vanillin, vanillic
acid, furoic acid, and 4-hydroxybenzoic acid in the aged paper was
enabled following the production of respective calibration curves
using model lignin derivatives. The authors note that although
studies employing CZE detection for lignin derived molecules are
relatively scarce, this method has advantages over gas chromato-
graphy (GC) since no derivitization is required, and the separation
times are shorter. A novel headspace GC technique was developed
to quantify the methoxyl content of isolated lignin [55]. Hydro-
iodic acid effectively cleaves methoxyl functionalities, forming
methyl iodide. This method improves upon iodometry, which
involves complex and laborious preparatory steps, and the stan-
dard GC analysis, as large sampling variance has been measured
due to the highly volatile nature of methyl iodide. Sampling the
headspace ensures a more accurate quantitation. Grass acylation
was evaluated using gas-liquid chromatography (GLC) with ﬂame
ionization detection (FID) and MS [54]. Conjugates comprised of
coniferyl or sinapyl alcohols (SA) and p-coumarates (p-CA) were
found to result from the enzymatic reaction with p-coumaroyl
transferase (pCAT). An assay to assess the activity of this enzyme
was developed using GLC-FID. This assay was used to probe C3 and
C4 grasses such as wheat, tall fescue, and oat (C3) and corn and
switchgrass biomass (C4). Despite the preferential reaction of p-
CAT with SA, higher S lignin content was not detected in plants
with elevated p-CA content. Isolated lignins from various hard-
and softwood feedstocks were partitioned and characterized using
a reverse phase-HPLC instrument equipped with a wide-pore
octadecylsilica column [53]. The authors determined that a 10-
step gradient using N,N-dimethylformamide and ﬂuorimetric
detection enabled well-deﬁned lignin peaks. Analysis of Klason
lignins isolated from aspen, beech, eucalypt, and spruce revealed
that each type of biomass produced a unique chromatogram
regardless of whether UV or ﬂuorimetric detection was employed.
Derivitization followed by reductive cleavage (DFRC), a techni-
que developed by Lu and Ralph to break α and β-ether linkages,
leaving intact the γ-esters [57], was used with GC-FID and GCMS,
to study alder, birch, cherry, maple, and oak leaves [58]. Similar to
thioacidolysis, DFRC involves the extraction of products represen-
tative of the original lignin, followed by the acetylation of the
products, and subsequent GC analysis. This technique has been
reported to be more advantageous to thioacidolysis due to the less
stringent reaction conditions and reagents, and better molecular
ion peak resolution in MS. The leaves studied had lower S/G ratios
than the xylem. DFRC analysis of wheat straw lignin indicated that
limited p-coumaryl functionalities were connected to γ-OH moi-
eties in β-ethers [59].
2.3. Thermochemical methods
2.3.1. Pyrolysis gas chromatography
Although typically employed for the quantitation of lignin
monomers (see Section 6.2), pyrolysis gas chromatography/mass
spectrometry (pyGCMS) has occasionally been applied to lignin
structural analysis [59–65]. Analysis of the pyrograms of Eucalyp-
tus hybrids revealed 37 distinct components stemming from H (3),
G (17), and S (17) lignin functionalities [63]. Identical side-chain
components were measured for both G and S moieties. No disc-
rete classiﬁcations between the samples were illuminated using
principal component analysis (PCA); however, PCA did expose
differences in the hybrids’ lignin content. Evaluation of the scores
plot uncovered which lignin structures were signiﬁcant in building
the PCA model.
Herbaceous and softwood industrial lignin samples were char-
acterized using pyGCMS before and after esteriﬁcation to gauge their
potential usefulness for bio-plastic fabrication [60]. While pyGCMS of
pine and corn stover revealed G and S/G/H lignin monomeric content
respectively, rice straw was measured to lack H lignin. The ratio of
monobasic to dibasic monomers was quantiﬁed in order to evaluate
different lignins based on their degree of condensation. Higher
condensation factors indicate the lignin closely resembles a more
natural, unaltered lignin. Hu et al. used pyGCMS to characterize S, G,
and H lignin compounds generated from the fast pyrolysis of lignin,
isolated from industrial black liquor [61]. The analysis of degradation
products generated using pyrolysis temperatures of 500, 700, and
Table 2 (continued )
Method Advantages Disadvantages
 Fast analysis [222]
 Coupling w/MALLS enabled higher MW
aggregates to be detected (UV and RI
detection does not measure these species)
[178,224]
 Condensation effects [23]
TGA  High-throughput [245,246]
 Ideal for polymers like lignin [245]
 Destructive [245,246]
 Temperature ramping must cause mass
changes in analyte [245]
UV/visspectrophotometry  Cheap & simple instruments [340]
 Convenient [340]
 Selective and sensitive [340]
 Lignin has UV electronic transition [226]
 Difﬁculty in determining extinction
coefﬁcient for lignin quantitation [37,281]
 Ubiquitous absorbance in UV for extraneous
molecules requires removal prior to acid-
soluble lignin measurement [37]
Wet chemistry  Well established techniques [22,228]
 Selective for speciﬁc moieties [22,40–
43,48,346]
 Tedious, costly sample preparation and
analysis [331]
 May alter/destroy the sample [23]
 May only detect speciﬁc bonds in lignin [21–
23]
 Toxicity [22,232]
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900 1C, indicated that below 500 1C, the molecules created predomi-
nantly stemmed from inter-unit linkage cleavages and slight side-
chain cracking, while phenolic hydroxyl and methoxyl functionalities
remained intact. Increasing the temperature from 500 to 900 1C
revealed that demethoxylation began to occur, aromatic ring methyl
groups were augmented, and side chains exhibited dealkylation.
Using this data, a two-step reaction mechanismwas proposed for the
fast pyrolysis of lignin: inter-unit linkage cleavage followed by free
radical reactions that resulted in phenolic species. Lastly, pyGC
coupled with FID and PCA allowed the distinction of species and
tissue-speciﬁc differences in pine, spruce, and larch softwoods [66].
2.3.2. Mass spectrometry
Mass spectrometry, in its numerous conﬁgurations, has been
employed to characterize the structure of lignin [62,67–77]. Time-of-
ﬂight (ToF) secondary ion mass spectrometry (SIMS) is one such MS
design that provides enhanced sensitivity to surface measurements of
solid analytes with high mass spectral and spatial resolution, requires
limited sample preparation, and yields rapid analyses over wide mass
ranges [69–72,74,76]. Goacher et al. developed an improved library of
secondary ions for the differentiation between lignin and polysacchar-
ide mass fragments [69]. PCA allowed the segregation of mass spectral
data as either lignin or polysaccharide peaks from pine. The authors
identiﬁed 64 new spectral peaks for polysaccharide and lignin
characterization beyond the standard fragments reported in the
literature. The ions that segregated pure cellulose from the pine
sample were likely to stem from lignin. High-resolution images of
lodgepole pine were acquired using ToF-SIMS imaging. By localizing
speciﬁc mass spectral peaks to plant cell wall regions, the classiﬁcation
of a lignin or polysaccharide peak could be facilitated. The images
revealed the expected categorization of lignin in the compound
middle lamella (CML) and cell corners (CCs), and polysaccharides
concentrated in higher proportion inside the cell walls. The novel mass
spectral fragments identiﬁed using PCA have not been routinely
employed in the literature for spectral characterization, despite their
high intensity. This library of secondary ion assignments should
signiﬁcantly facilitate both a more accurate characterization and
quantitation of lignin and polysaccharides in plant cell walls.
A novel instrument for the analysis of lignin volatilization
products from raw biomass was constructed by conjoining pyr-
olysis or laser ablation with resonance-enhanced multiphoton
ionization (REMPI) reﬂectron ToF-SIMS [72]. A comparison of this
instrument with pyrolysis electron impact molecular beam mass
spectrometry (pyEI-MBMS) using poplar wood displayed the
validity of the REMPI ToF-SIMS to selectively measure lignin, as
no peaks from polysaccharides were measured. The mass spec-
trum resultant from the pyEI-MBMS contained various low mole-
cular weight fragments derived from carbohydrates. The REMPI
method also diminishes the splintering of molecular ion peaks into
smaller fragments since it is considered a “soft” ionization tech-
nique. The energy, for example, of the EI process is 2.5-fold
higher than REMPI, and this excess energy, in turn, cleaves the
molecular ion into smaller fragments. Laser ablation was used to
preferentially sequester and volatize localized tissues, such as
wood growth rings, followed by the subsequent vapor detection
using REMPI ToF-SIMS. Using this method, the authors conclu-
ded that lignin thermally degrades to a variety of monomeric
molecules, with some dimer formation. Overall, this instrument
enables the selective measurement of regions of interest with high
selectivity and sensitivity, and with fewer spectral peaks com-
pared to more vigorous ionization techniques.
Tokareva and co-authors evaluated a variety of ToF-SIMS sample
preparation methods for imaging [76]. The authors concluded that
reliable ToF-SIMS imaging required a strict protocol for developing
reproducible samples. Another study utilizing ToF-SIMS probed
synthesized lignin polymers and MWL from beech to characterize
the depolymerized fragments [74]. A previous study employed
gallium primary ions as the bombardment source. Guaiacyl lignin
peaks at m/z 137 and 151 were easily identiﬁable, but it remained
uncertain whether the 151 peak actually corresponded to two unique
fragments. In this study, the use of Auþ ions as the bombardment
source led to higher mass resolution, and to the ﬁnding that the m/z
151 peak is due to only one species, the C6–C1 benzoyl ion. Lastly, the
surface lignin from the outermost region of rapid displacement
heating (RDH) kraft pulp was evaluated using ToF-SIMS equipped
with an indium ion source to achieve high mass resolution [70]. The
lignin on the surface following the RDH pulping remained a vestige
from native lignin, albeit structurally altered during the kraft process.
Although the spectral data from birch kraft lignin and MWL show
strong similarities, S lignin was more reactive in the kraft process as
less S lignin content was measured relative to G lignin. More than
half of the surface lignin measured remained on the surface follow-
ing totally chlorine-free bleaching.
Matrix-assisted laser desorption/ionization (MALDI) ToF mass
spectrometry has provided another useful tool for herbaceous
lignin analysis [73]. Aromatic acids α-cyano-4-hydroxycinnamic
acid (CHCA) or 2,5-dihydroxybenzoic acid (2,5-DHB) were found to
provide the best MALDI matrices. Cyclodextrin was added to CHCA
to promote the ionization of relatively insoluble lignin samples,
and suppress the background noise from matrix-related ions.
When used in positive ion mode, this method was found compe-
tent for surveying lignins according to “ﬁngerprint” regions (100–
800 Da), and discriminating between lignins extracted with
ammonia or formic/acetic acid. MALDI mass spectral imaging
(MSI) has recently enabled the in situ analysis of Eucalyptus
globulus and E. grandis lignin [68]. The authors chose thin-layer
chromatography grade silica as a MALDI matrix, since the standard
matrices are not suitable for plant materials. Not only were 22 of
24 reported lignin derivative compounds identiﬁable, but their
relative locations inside the plant cell walls were elucidated,
providing a tandem approach to characterizing lignin spatial
distribution and structure.
In an elegant showcasing of MS techniques, quadrupole (Qq) ToF-
MS and atmospheric pressure photoionization (APPI) MS were used
to evaluate wheat straw lignin [67]. A novel extraction strategy that
selectively partitions biomass into cellulose, hemicellulose, and lignin
enabled the isolation of the lignin fractions for MS analysis. APPI-MS
was employed to evaluate lignin oligomers incapable of efﬁcient
ionization with atmospheric pressure chemical or electrospray ioni-
zation (ESI) methods. At least 57 distinguished spectral fragments
were identiﬁed through the utilization of both positive and negative
ion modes. Qq ToF-MS analysis permitted the exact molar mass to be
calculated for each ion fragment. Tandem Qq ToF-MS/MS further
resolved mass spectral data from a complex series of lignin oligo-
mers, thereby enabling the construction of precise structures. This
extensive study of wheat straw lignin unveiled a linear polym-
eric structure of various poly-condensed coniferyl groups, with a
phenylcoumaran repeating unit. The authors contend that lignin is
quite reactive under harsh conditions, and can readily be decom-
posed to new molecules not measured in native lignin, leading to
discordance in decades of lignin structural analysis. The authors also
express cautionary advice to researchers using 13C cross polarization/
magic angle spinning (CP/MAS) nuclear magnetic resonance (NMR)
spectroscopy as a singular analytical tool for lignin analysis, explain-
ing that the ratio of 153.1 and 147.5 ppm peaks can be confused,
resulting in the misidentiﬁcation of carboxylic functionalities. Using
NMR, these carboxylic functionalities were classiﬁed as deriving from
proteins or extractives, when, in fact, they stem from the lignin
backbone. Other MS techniques employed for lignin analysis include
direct exposure MS of waterlogged archaeological wood [62], ESI-MS
analysis of the depolymerization of lignin following treatment with
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various organic bases such as sodium phenoxide or guanidine
carbonate [77], and the evaluation of ozonation to delignify sugar-
cane bagasse using molecular beam MS (MBMS) [75].
2.3.3. Thermogravimetric analysis
Thermogravimetric analysis (TGA) has been previously employed in
the quest for the structural characterization of lignin [78–83]. Following
the pretreatment of Avicel, beechwood, alkaline lignin, switchgrass,
and corn stover with the IL 1-butyl-3-methylimidazolium acetate
([C4mim][OAc]), the thermal decomposition was evaluated using TGA
[83]. A wide temperature range was measured for lignin degradation
(300–500 1C) resultant from the intrinsic heterogeneity. Following the
IL treatment, the DTG curves show two narrow peaks compared to
untreated lignin, which the authors infer could stem from a more
homogeneous structure. Increases of 50 1C increments did not change
Table 3
Raman spectroscopy vibrational modes characteristic of lignin and model lignin compounds.
Vibrational mode Assignment
337 Ring deformation, OH torsion [88]
357 Aromatic ring substituents torsion [88]
369 Skeletal deformation [33]; COC symmetric, in-plane bend [88]
468 Ring deformation [88]
531 Skeletal deformation [33]
559 CCO and CCC in-plane bend [88]
582 Ring deformation [88]
597 Skeletal deformation [33]
637–644 Ring and skeletal deformation [32,88]
712 Ring deformation; CC stretch [88]
780 CO stretch [88]; lignin aromatic skeletal vibrations [32,88]
793 Out-of-plane CH bend; ring deformation; CO stretch [88]
799 Ring deformation; CO stretch [88]
805 CO stretch; aryl symmetric CH bend; CH out-of-plane bend [88]
829 CH out-of-plane bend [88]
843 Breathing mode [88]
920–932 CCH wag [32]
921 Ring deformation; in-plane CC stretch; COC stretch [88]
942 lignin CCH wag; aromatic skeletal vibrations [85,88]
977 lignin CCH and –HC¼CH deformation; methyl wagging [85,88]
1033 lignin CH3 wagging; CH3 out-of-plane rock; aromatic skeletal vibrations, methoxy vibrations [85,88]
1043 OC stretch; ring deformation; CH3 wagging [88]
1117 lignin methoxy vibrations; aryl CH bend [88]
1130–1136 Coniferaldehyde/sinapaldehyde mode [33]
1147 lignin methoxy vibrations; aromatic CCH bend [88]
1169 lignin hydroxyl COH bend; aromatic skeletal vibrations [88]
1185 lignin methoxy vibrations; COH in plane bend [88]
1199 In-plane CH stretch [88]
1202 lignin methoxy vibrations [88]
1214–1217 Aryl-O of aryl OH and aryl-OCH3; ring deformation [32,88]
1256 CO stretch [88]
1268 lignin aromatic skeletal vibrations; methoxy vibrations [32,85]
1272 Ring deformation; CO stretch [88]
1288 Ring deformation and in-plane CH and COH bend [88]
1298 CH, CC stretch; ring deformation [88]
1331 Aliphatic OH stretch [33]
1363 Ring Deformation; in-plane COH bend [88]
1372–1383 Phenolic OH stretch
1378–1390 Phenolic OH [32]
1380 Umbrella CH bend [88]
1427 lignin methoxy deformation, methyl bending, aromatic skeletal vibrations [32,85]
1455 CH3 scissoring; CH3 out-of-plane bend; umbrella bend [88]
1460 lignin methoxy deformation, CH2 scissoring [33]
1465 CH3 scissoring; CH3 out-of-phase bend [88]
1506–1514 Aryl ring stretch, asymmetric [32]
1517–1521 Asymmetric aryl ring stretch [32]
1605 lignin aromatic skeletal vibrations [32,88]
1632 lignin C˭C stretch of coniferaldehyde, sinapaldehyde, phenolic esters [32,85]
1656 lignin C˭C stretch of coniferyl alcohol and sinapyl alcohol [32,85]
1704 carbonyl stretch
2842 Out-of-plane CH symmetric stretch [88]
2845 CH stretch in OCH3, symmetric [33]
2859 Out-of-plane symmetric CH stretch [88]
2867 Out-of-plane symmetric CH stretch [88]
2922 Out-of-plane asymmetric CH stretch [88]
2939 CH stretch in OCH3, asymmetric [33,88]
3005 In-plane CH stretch [88]
3014 In-plane CH stretch [88]
3039 In-plane CH stretch [88]
3062 In-plane CH stretch [88]
3071 aromatic CH [33]
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the lignin degradation data, signifying that the structure remained
unaltered. The effects of steam pretreatment and incubation with
laccase on E. globulus chips were evaluated using TGA curves [80].
Lignin in the control sample degraded at approximately 470 1C, while
the lignin from steam pretreated E. globulus degraded at 490 1C, which
the authors conclude could result from condensation reactions during
the steam explosion. This trend ampliﬁed as the harshness of the
steam explosion treatment increased. A 19 1C reduction in lignin
degradation temperature was measured following incubation with
laccase. This decrease was attributed to changes in the molecular
structure or bonding between lignin and carbohydrates due to the
experimental conditions employed for the laccase incubation, but not
to the laccase itself, as no differences were measured when the laccase-
treated biomass was compared to the untreated sample. A recent study
explored using TGA to evaluate different preparations of isolated lignin
from Miscanthus and giant reed [81]. Extraction protocols employing
sulfuric acid (H2SO4) or hydrogen peroxide (H2O2) at an alkaline pH,
and a microbial treatment were used to produce the lignins. Following
the acid treatment, the giant reed and enzyme-treated sample showed
similar degradative patterns, while the Miscanthus had a faster rate of
degradation up to 673 K, and then conformed to a similarly shaped
TGA-curve. Following the alkaline H2O2 treatment, all curves expressed
similar degradation up to 623 K, where the Miscanthus sample began
to breakdown more slowly. Differential TGA elucidated which speciﬁc
chemical moieties in lignin were degrading at explicit temperatures.
For example, signals near 593 K were ascribed to the breakage of C–C
between ligninmonomers and the evaporation of phenolic species. The
measured peaks between 673–773 K stemmed from the degradation of
aromatic rings.
2.4. Vibrational spectroscopy
2.4.1. Raman spectroscopy
At the United States Department of Agriculture Forest Products
Laboratory, Umesh Agarwal and co-authors have been a leading team
in developing Fourier-transform (FT) Raman spectroscopy for lignin
analysis [32,33,84–86]. The assignment of the characteristic vibra-
tional modes of hard- and softwood lignins have been extensively
reported, and are tabulated in Table 3. These assignments have
enabled the qualitative assessment of structural differences and
similarities between milled-wood, chemically modiﬁed, and enzy-
matically isolated aspen, pine, spruce, and sweetgum lignins [85,87].
Signiﬁcant spectral differences were measured between hard- and
softwoods lignins. Acetylation and methylation produced signiﬁcant
changes in the aliphatic C–H region of the Raman spectra, and gave
rise to new vibrational modes not present in unmodiﬁed lignin,
while measured spectra following alkaline peroxide and hydrogena-
tion reactions were not signiﬁcantly altered compared to untreated
samples. Ethylenic residues in spruce and thermomechanical pulp
were measured using the band intensities at 1133 and 1654 cm1,
representative of coniferaldehyde and coniferyl alcohol, respectively
[86]. Quantitation based on these vibrational modes provided good
correlation with NMR.
FT-Raman spectroscopy and density functional theory (DFT)
were used to develop an extensive vibrational mode library for S,
G, and H lignin monomers using lignin model monomers [88].
Experimental Raman spectra were compared to the theoretical,
calculated spectra, and speciﬁc characteristic marker bands for each
moiety were identiﬁed. In a follow-up study, the authors evaluated
how select solvents used for vanillyl alcohol dissolution affected
Raman band shape and position [89]. The 1600 cm1 phenolic
mode position was strongly correlated with the degree of methoxy
substitution on the phenyl ring, whereas the intensity of this mode
was not only dependent on the type of lignin monomer (S, G, or H),
but also on the solvent or environment. The authors suggest that
the shape of the 1600 cm1 vibrational mode could be used to
assess lignin environment. Kihara and co-authors evaluated carbo-
nyl groups in cedar and pine milled wood lignin using FT-Raman
spectroscopy [90]. Vibrational modes at 1620 and 1660 cm1 were
monitored as chemical modiﬁcations were carried out to reduce or
enhance C–O groups. The band at 1620 cm1 was identiﬁed as a
clear marker for carbonyl content. The 1660 cm1 peak was
identiﬁed as an α,β-unsaturated bond marker. Lastly, FT-Raman
spectroscopy was used to gauge the efﬁciency of lignin removal
following an ammonia ﬁber expansion (AFEX) pretreatment of corn
stover [91]. Vibrational modes at 1600 and 1635 cm1 were
approximately three times higher in the control relative to the
pretreated sample. Additionally, evaluation of the cinnamoyl ester
1170 cm1 peak revealed that the residual lignin had less ferulate
and p-coumarate functionalities.
Advances in NIR, dispersive Raman spectroscopy instrumentation
have enabled applications of this analytical tool to lignin structural
research [92–96]. A home-built NIR Raman instrument enabled the
analysis of a commercial isolated lignin [96]. The instrument was
equipped with a 1064 nm Nd:YVO4 laser and a 1024 element InGaAs
multichannel detector. This conﬁguration provided greater sensitivity
when compared to a home-built instrument that employed 785 nm
excitation, due to the latter instrument's inability to overcome
intrinsic lignin ﬂuorescence. The instrument also provided greater
signal-to-noise when juxtaposed to a FT-Raman spectrometer when
acquisitions longer than 15 s were required. Lignin was dissolved in
ethanol, methanol, isopropanol, dioxane, or acetone. The location of
the 1600 cm1 phenyl ring breathing mode did not shift in position
upon dissolution with any of these solvents; however, when the
lignin was dissolved in sodium hydroxide, a pronounced shift was
measured. In a follow-up study, applications of the 1064 nm Raman
spectrometer were extended to the analysis of raw and ethanol
extracted biomass [95]. The intensities of lignin aromatic skeletal
vibrational modes near 1600 cm1 were signiﬁcantly decreased in
herbaceous feedstocks, such as orchard grass and red clover, follow-
ing the extraction, indicative of non-lignin phenolic molecules, such
as ﬂavonoids, contributing to this signal. This study showed the
necessity of analyzing extractive-free, herbaceous biomass to probe
explicit lignin structure with Raman spectroscopy.
At the Joint BioEnergy Institute (JBEI), NIR Raman spectroscopy has
been utilized to gauge the deligniﬁcation efﬁciency of different
pretreatment strategies [92–94]. The removal of lignin from extracted
switchgrass was evaluated following dilute acid or IL treatments [93].
A clear reduction in the lignin vibrational modes at 1600 and
1620 cm1 was measured following the IL pretreatment. A follow-
up study probed the efﬁciency of the same pretreatment strategies on
eucalypts and pine, with an identical conclusion [94]. A comparison of
the AFEX and IL treatment of extracted corn stover also established
that the IL treatment more efﬁciently removed lignin [92]. Researchers
at JBEI have also explored Raman imaging to visualize plant composi-
tional distribution inside plant cell walls and to observe the changes in
biomass during IL pretreatment [97,98]. Raman hyperspectral imaging
was used tomap corn stover and E. globulus compositional distribution
[98]. Lignin was found to be predominantly localized in sclerenchyma
cells and tracheids, epidermal cells, and bundle sheath cells using a 2D
Raman mapping method. This technique also identiﬁed the CCs,
followed by the CML and the secondary wall, as containing the highest
lignin content. Corn stover lignin dissolution, following an IL treatment
with 1-ethyl-3-methylimidazolium acetate ([Emim]OAc), was found to
occur most rapidly from the secondary cell walls [97]. Tracheids,
despite a thicker wall, showed a faster rate of wall swelling and lignin
degradation, compared to sclerenchyma cells. Following just three
hours of pretreatment, deligniﬁcationwas 50.7%, 24.2% and 17.9% from
tracheids, sclerenchyma cells, and parenchyma cells, respectively.
Uses of Raman imaging to evaluate lignin distribution and
deligniﬁcation extend to a variety of other feedstocks [99–104].
3D confocal Raman imaging was used to study the deligniﬁcation of
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Miscanthus x giganteus [100]. Following a 20-hour sodium hydro-
xide (NaOH) pretreatment, complete deligniﬁcation was observed,
while cellulose remained predominantly unscathed. Depth proﬁling
revealed that lignin is initially removed from the interior of the cell
wall. The authors also studied the photodegradation of lignin with
increasing acquisition time. After about 10 s of exposure to 38 mW
of a 532 nm Nd:YAG laser, the Raman scatter measured by integrat-
ing the 1550–1650 cm1 spectral region signiﬁcantly decreased.
Confocal Raman microscopy of hybrid poplar normal and tension
wood revealed the spatial variation of lignin without requiring
staining or chemical pretreatment of the biomass [101]. By inte-
grating the Raman spectra between 1550–1640 cm1, the lignin
distribution of normal poplar wood was determined to be highest
in CCs and the CML. Averaged spectra from different cell structures
were calculated. As expected, Raman spectra of solely the CCs or
CML showed a strong ﬂuorescence background. Analysis of poplar
tension wood revealed a relatively lignin-free gelatinous layer, with
lignin concentration increasing towards the lumen.
Lastly, stimulated Raman scattering (SRS) microscopy was
employed to study maize deligniﬁcation [104]. In SRS microscopy,
two laser beams probe the sample. When the frequency difference
between the beams resonates with the sample, vibrational excita-
tion is increased, resultant from this stimulation. A 256256 pixel
image could be collected in three seconds compared to two hours
using spontaneous Raman scattering. Parenchyma and phloem
cells were found to contain relatively little lignin, while vessel,
tracheid, and ﬁber cells contained more lignin. During an acid
chlorite deligniﬁcation treatment, the dominant lignin vibrational
mode decreased in intensity by eight-fold, relative to the cellulose
signal. Despite containing relative little lignin, the phloem
revealed the fastest deligniﬁcation rate, while the ﬁber and vessel
cells deligniﬁed much slower. This study demonstrates the power
of real-time, in situ analysis of biomass using SRS imaging.
Ultraviolet (UV) and resonance Raman (RR) spectroscopy have
routinely been used for lignin analysis since lignin exhibits an UV
absorption peak [105–115]. Beech and pine lignin radicals, key
intermediate species in lignin biosynthesis, were measured using
Kerr-gated RR spectroscopy [105,106]. Kerr-gating is used to reject
intrinsic lignin ﬂuorescence. Analysis of lignin radicals using UV-
visible spectrophotometry revealed an absorption band at 520 nm.
Using an excitation wavelength of 500 nm, Raman bands due to
lignin radicals were selectively, resonantly, enhanced. In the initial
study, lignin radicals produced from a laccase-mediator treatment
were explored [105]. A band was measured at 1610 cm1 following
treatment with 2,20-azino-bis(3-ethylbenzthiazoline-6-sulfonic acid)
(ABTS)þ●, and 400 nm excitation. The authors determined that the
lignin spectral intensities were dependent on intermolecular charge-
transfer interactions with adjacent groups. In a follow-up study, a
lignin radical vibrational mode was measured at 1570 cm1 regard-
less of the feedstock. For wet beech samples, a peak at 1606 cm1
was detected. DFT calculations revealed that these radicals stemmed
from S moieties in beech and G groups in spruce.
The photodegradation of hard- and softwoods was explored using
an UV laser to irradiate the samples, and UVRR spectroscopy to
evaluate the deligniﬁcation [115]. The degradation of aromatic
moieties, with a concurrent increase of ortho- and para-quinones,
was observed using the Raman spectra. All lignin-derived peaks
decreased in intensity, while band-broadening, from the creation of
unsaturated molecules, was measured at 1602 cm1, and in the
1000–1500 cm1 region. The 1602 cm1 vibrational mode was
monitored to determine the rate at which hard- and softwoods
degrade. The rubber-wood and silver birch hardwood samples were
found to degrade more rapidly than pine or spruce. UVRR spectro-
scopy was also used to study how increases in temperature affected
Scots pine samples [109]. As the temperature was ramped from 100–
240 1C in 20 1C increments, lignin became more soluble in acetone at
or greater than 180 1C. Un-extractable lignin did not change in
structure even when heated to 200 1C. Lastly, the effects of pH on
lignin analysis were explored using UVRR spectroscopy [114].
Changes in pH were found to shift Raman bands by 25–35 cm1 in
model compounds lacking para-substitution, 8–12 cm1 with para-
substitution, and 2–7 cm1 in pine/spruce mixed pulps. When the
phenolic hydroxyl functionalities were increased, the shift was more
pronounced. More alkaline pH levels resulted in more intense
aromatic vibrational modes. Therefore, the authors suggest appro-
priate pH adjustments be made prior to Raman analysis.
Coherent anti-Stokes Raman (CARS) microscopy has been used
to measure biomass, in part because it does not suffer from
ﬂuorescence interference, while still providing strong lignin signal
[116,117]. Wild-type and transgenic alfalfa and corn stover were
studied using CARS imaging [117]. There was no indication of
sample degradation after ten minutes of acquisition time. CARS
images were acquired from different sections of the plant cell wall,
with the more heavily ligniﬁed regions, such as the ﬁber and
xylem cells, revealing the strongest spectral signals. Down-
regulated hydroxycinnamoyl CoA: shikimate hydroxycinnamoyl
transferase (HCT) or coumaroyl shikimate 3-hydroxylase (C3H)
alfalfa lines revealed decreased lignin intensities in CCs compared
to the secondary walls. Recently, CARS was employed to gauge the
chemical and structural composition of birch, oak, and spruce
samples [116]. A strong absorption of excitation light and photo-
degradation of lignin necessitated the measurement of lignin in an
aqueous matrix. CARS spectra of spruce revealed stronger lignin
bands, which the authors attribute to the higher lignin content of
softwoods.
2.4.2. Mid-infrared spectroscopy
FT-infrared (IR) spectroscopy has been extensively utilized for
determining lignin structure [13,44,61,65,75,78,79,81,92,93,109,
Table 4
Mid-infrared spectroscopy vibrational modes characteristic of lignin and lignin
model compounds.
Vibrational
mode
Assignment
827 S-mode [347]
1035 aromatic CH in-plane deformation [348,349]
1050 aromatic CH in-plane deformation [348,349]
1116 CH stretch in S-ring [139]
1127 aromatic CH in-plane deformation [348,349]
1142 aromatic CH in-plane deformation [348,349]
1151 CH stretch in G-ring [139]
1215 CC, CO stretch [139]
1226 CC, CO, C˭O stretches [348,349]
1252 aryl ring breathing mode; CO stretch [348,349]
1270 aryl ring breathing mode; CO stretch; G-mode [348–350]
1330 aryl ring breathing mode; CO stretch; S-mode [139,348,349]
1379 aromatic skeletal vibration; CH in-plane deformation
[348,349]
1425 OCH3 CH deformation, asymmetric; S-mode [347–349]
1428 aromatic skeletal vibration; CH in-plane deformation
[348,349]
1440 OH in-plane bending [350]
1465 CH deformation, asymmetric [348,349]
1500 S-mode [347]
1506–1513 aryl ring stretch, asymmetric [348,349]
1589 S-mode [347]
1596–1600 aryl ring stretch, symmetric [348,349]
1682 C˭O stretch [139]
1704 C˭O stretch [139]
1737 C˭O stretch [348,349]
2840 CH stretch [139]
2938 CH stretch [348,349]
3430–3440 OH stretch [348,349]
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110,118–139]. Characteristic IR vibrational modes are listed in
Table 4. Nuopponen and co-authors used FTIR coupled with PCA
to characterize 25 tropical hardwoods [110]. Analysis of PCA
loadings plots revealed key vibrational modes integral to classify-
ing the various feedstocks according to acetyl groups from hard-
wood xylans, S and G lignin content, tannins or tannin-like
structures, and conjugated carbonyl groups. A similar technique
was applied to the study of thermal modiﬁcations in Scots pine
[109]. Analysis of these PCA loadings plots unveiled characteristic
vibrational modes of wood resin including methylene, carbonyl,
and carboxylic acid functionalities. The spectra could be parti-
tioned according to whether they had been thermally treated at
low or high temperatures. FTIR spectra also showed increases in
aromatic skeletal vibrations, which the authors attribute to
increases in Klason lignin content due to the degradation of
hemicellulose into pseudo-lignin. A variety of herbaceous, and
hard- and softwood Organosolv lignin preparations were classiﬁed
using FTIR spectral data and PCA [130]. The three classiﬁcations of
biomass were lucidly fractionated along PC1 and PC2. Subsequent
analysis of the loadings plot identiﬁed which vibrational modes
distinctly segregated the three types of feedstocks. The predomi-
nant variations included G (829, 1140, 1221, 1266, 1270,
1505 cm1) and S (1325 cm1) lignin differences, and the pre-
sence of secondary alcohols and aliphatic ethers (1086 cm1) and
ester functionalities (1166 cm1). Thus, it was determined that G
lignin concentration is one of the main structural differences
between softwood and grass lignin.
The thermal degradation of lignins extracted from wheat straw,
oak, birch, and pine was also studied using an FTIR instrument
conjoined with a thermogravimetric analyzer and a mass spectro-
meter [118].This instrumentation enabled the discrimination of the
release and formation of acetic acid and furfural from Organosolv
birch lignin. Carbon monoxide and dioxide formation were also
monitored using FTIR spectra. The decomposition of sugarcane
bagasse lignin, following ozonation, revealed signiﬁcant structural
variation in the spectral data when probed with FTIR [75]. The
predominant changes were in the 830, 1030, 1240, 1510, 1596, and
1732 cm1 vibrational modes. The band at 1510 cm1, due to phenyl
ring skeletal vibrations, is a known marker for the presence of lignin
in pulp. The peak at 1240 cm1 was assigned to the asymmetric
stretching vibrations of C–O–C bonds in G lignin. The absence of the
two aforementioned vibrational modes, as well as the carbonyl mode
at 1732 cm1 following a four hour ozonation period were indicative
of deligniﬁcation. Xu et al. monitored the degradation of bamboo
lignin following a treatment with brown- and white-rot enzymes
[136]. The calculated ratio of the peak heights resultant from the
lignin phenyl ring skeletal vibration at 1511 cm1 or the phenyl ether
mode at 1248 cm1 and the carbohydrate peak at 1739 cm1
unveiled the extent of lignin degradation. The white-rot fungi were
measured to cause signiﬁcant decay of lignin, while the calculated
ratio of lignin-to-carbohydrate peaks increased following incubation
with brown-rot fungi.
Attenuated total reﬂectance (ATR)–FTIR enabled the analysis of
regenerated switchgrass biomass following an IL pretreatment using
[Emim]OAc [131]. After the addition of water as an anti-solvent to
precipitate out the cellulose, leaving all other biomass components
solubilized, the ATR-FTIR spectra exhibited characteristics parallel to
Avicel cellulose. Thus, this methodology was able to easily identify
the power of the IL treatment to efﬁciently delignify switchgrass. The
efﬁciency of the IL pretreatment of corn stover and eucalyptus was
also probed using the same instrumentation and technique, and
unveiled similar results [92,119]. FTIR was employed to study the
molecular structure and spatial arrangement of lignin when fabri-
cated into monomolecular Langmuirian ﬁlms, not only in an effort to
understand fundamental structural details, but also evaluate using
these ﬁlms as transducers in sensing devices [129]. FTIR spectroscopy
showed that the aromatic rings were predominantly oriented parallel
to the surface of a solid substrate. Further analysis indicated some
interaction between lignin ﬁlms and cadmium ions; therefore, the
authors concluded the viability of these lignin ﬁlms as potential
transducers. Lastly, hydrogen bonding in lignin model compounds
was probed using FTIR [139]. Aliphatic hydroxyl moieties established
more resilient hydrogen bonding juxtaposed to phenolic hydroxyl
functionalities. Dimeric model compounds fashioned more robust
hydrogen bonds than monomeric species. This evaluation was emp-
loyed to explain differences in hard- and softwood lignin hydrogen
bonding.
2.5. Nuclear magnetic resonance
No single analytical technique has been more comprehensively
employed for the cognitive advancement of lignin structure than
NMR [13,44,54,59–61,64,67,78–81,91,110,119,121,123,127,128,132–
135,137,140–171]. This analytical tool, in all of its varieties, has
enabled unparalleled structural features of lignin to be elucidated.
While a complete review of this body of work could easily be
endeavored, this manuscript will illustrate assorted recent, cutting-
edge uses of NMR spectroscopy that resulted in novel lignin
structural insights. The research of John Ralph and co-authors has
bestowed a signiﬁcant trove of lignin structural data [141,149,
153,162,168,172]. Lignin, extracted from kiwi fruit, pear, rhubarb,
and wheat bran ﬁber, was characterized using heteronuclear single
quantum correlation (HSQC) 2D-NMR [141]. The authors were able to
authenticate the lignin in pear, kiwi, and rhubarb, but conclude that
wheat bran lignin has been overestimated by the standard analytical
techniques, necessitating methods possessing greater accuracy. A
variety of molecules were identiﬁed from the 13C–1H spectra,
including G and S moieties and a benzodioxane structure unique to
kiwi. HSQC difference spectra enabled the evaluation of 13C-enriched
and unmodiﬁed protolignin of Gingko biloba [162]. Protolignin is a
heterogeneous polymeric combination of monolignols in the poly-
saccharide matrix. Enriching the biomass with 13C resulted in higher
spectral resolution. Following acetylation of the dissolved proto-
lignins, the spectra of un-enriched G. biloba was subtracted from the
13C-enriched spectra, successfully removing carbohydrate interfer-
ents, providing lignin-speciﬁc structural data. This technique does
not require lignin isolation, and permits the monitoring of speciﬁc C-
H connections during any potentially lignin-modifying process.
Solution-state HSQC 2D-NMR was employed for the structural
analysis of poplar lignin [149]. In this study, the authors elegantly
combined the structurally detailed NMR spectra with multivariate
analysis to avoid having to interpret unresolved spectral peaks.
Evaluation of the 2D loadings plots enabled the determination of
the most relevant spectral features for classiﬁcation. This technique
provides a novel approach to understanding cell wall structural
differences in normal and tension wood, as well as elucidating subtle
lignin compositional variations following the down-regulation of
pectin methylesterase. In 2012, the methodology enabling the
solution-state 2D-NMR analysis of whole plant cell walls was
contrasted with a variety of degradative techniques for obtaining
structural detail [153]. This manuscript systematically detailed the
cell wall isolation and preparation, solubilization, and 2D-NMR
analysis, and juxtaposes this novel technique with nitrobenzene
oxidation (NBO) and DFRC.
Rencoret and co-authors have also utilized NMR for developing
a detailed understanding of agave, coconut coir, and eucalypt
lignin [156–159]. The lignin structure of young versus adult E.
globulus trees was analyzed using HSQC 2D-NMR [156].
Spirodienone-β-1 structures increased with growth, while phe-
nylcoumaran groups decreased. No change in resinol structures
was measured; however signiﬁcant differences in the lignin
monomer composition with increased growth were detected (see
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lignin monomer composition section). E. globulus, spruce, and
agave samples swelled in deuterated dimethylsulfoxide (DMSO-
d6) were analyzed using HSQC 2D-NMR [158]. The spectra of
whole plant samples and their respective milled-wood lignins
were compared. The major lignin peaks, including S and G content,
the main lignin substructures, and the acylation of the side chains
were found to closely resemble those measured in the MWL,
eliminating the need to extract lignin from plant cell walls. The
MWLs of E. globulus, E. nitens, E. maidenii, E. grandis, and E. dunnii
have also been characterized using HSQC 2D-NMR [157].
HSQC 2D-NMR was used to characterize different preparations
of corn stover lignin [91]. Variations of the AFEX pretreatment,
such as low or high ammonia loading, enabled the formation of
different extracted lignins. Measurement of L-AFEX lignin revealed
augmentation in syringyl groups. The NMR analysis also showed
that abundant p-coumarate esters were severed during the pre-
treatment, leaving 10–15% of these groups in the biomass. The
structural assessment of wheat straw lignin, using 2D-NMR,
revealed the main lignin substructures as being predominantly
β-O-4 ethers (75%) and phenylcoumarans (11%) [59]. The analysis
of the NMR spectra also showed about 10% γ-acylated lignin, as
well as the presence of p-coumarates and ferulates. A novel high-
throughput technique for the enrichment of 13C in corn stover cell
walls coupled with dissolution in perdeuterated pyridinium mol-
ten salt and DMSO-d6 enabled reductions in 1D, 2D, and 13C cross-
polarization/magic-angle spinning (CP/MAS) solid-state NMR ana-
lysis time by 220, 39, and 10 times, respectively [146]. This
technique enabled the lignin from whole plant cell walls to be
evaluated without isolating the lignin. Another study unveiled the
development of a different bi-solvent dissolution system employ-
ing [Emim]OAc and DMSO-d6, enabling the complete dissolution
of Miscanthus biomass [143]. This solvent combination was juxta-
posed with various solvents including (perdeuterated DMSO)/
pyridine-d5, DMSO-d6/tetrabutylammonium ﬂuoride, and DMSO-
d6/deuterated pyridinium chloride. The authors note that the
4 main lignin peaks were all discernible when DMSO-d6/[Emim]
OAc was employed as the solvent, while the other solvent systems
did not lead to complete detection. Although spectral peaks arising
from DMSO-d6/[Emim]OAc did not overlap with those from the
analytes, strong signals were nevertheless detected. The authors
synthesized deuterated [Emim]OAc to reduce this interference. 13C
and HSQC 2D-NMR have been used to evaluate a novel phosphoric
acid/steam pretreatment strategy on various sugarcane bagasse
lignin preparations [167]. The structures of ball-milled, ethanol
and dioxane-dissolved, and water-soluble lignin were contrasted,
whereupon it was determined that ethanol-extracted lignin effec-
tively preserved the basic lignin composition. The structural
changes induced by the extraction were lower β-O-4 linkages, S/
G ratios, and p-coumarate/ferulate ratios. The ethanol extraction
also removed approximately 8% of the total mass. Lastly, the ability
of a novel vanadium catalyst to facilitate lignin depolymerization
was monitored using 2D-NMR [171]. NMR spectra revealed that β-
O-4 linkages in both lignin model dimers and in Miscanthus lignin
were efﬁciently deconstructed.
Another technique commonly employed to study solid biomass
is 13C CP/MAS solid-state NMR [152,170]. The analysis of corn
stover following a dilute H2SO4 pretreatment revealed an associa-
tion between 13C-enriched sugars and lignin [152]. After the
pretreatment, these sugars, as well as other small molecule
extractives, polymerized, adding to the collected residue. This
additional polymeric material resulted in a higher mass balance
closure for Klason lignin than what was present in the cell wall.
The down-regulation of p-coumarate 3-hydroxylase (C3H) or HCT
led to two transgenic alfalfa lines lower in lignin compared to the
native plant [170]. 13C CP/MAS NMR analysis of the transgenic
alfalfa, relative to the unmodiﬁed control, revealed a decrease in
the aromatic region of the spectrum, typically assigned to lignin.
The modiﬁed alfalfa plants also showed a signiﬁcant increase in H
lignin with concomitant decreases in S and G lignin. The extrac-
tability of the wild-type and transgenic lignins were gauged by
measuring the NMR spectra following treatment with 0.1 and
2.0 M NaOH. Analysis of the spectral data showed increased
extractability of the modiﬁed lignins, in part due to the decrease
in molecular weight with the loss of the methoxy groups in
transforming from S or G to H lignin.
Lignin from Acacia mangium was isolated and characterized using
1H and 13C NMR [155]. Proton NMR allowed the analysis of CH2 and
CH3 groups, aliphatic and phenolic hydroxyl functionalities, β-β and
β-O-4 substructures. 13C NMR was used to evaluate methoxyl,
aromatic-O, C, or H structures, CHO groups in benzaldehydes and
cinnamaldehydes, ketones, and β-O-4 substructures. In sum, these
methods revealed a low syringyl content, high percentage of con-
densation, and a low quantity of β-O-4 substructures.
31P NMR is often used for the quantitation of speciﬁc function-
alities in lignin, such as hydroxyl groups. Three commercially
obtained pine kraft lignins were partitioned into smaller fractions
using an incremental addition of hexanes into acetone [169].
Aliphatic, non-condensed and condensed phenolic, total phenolic,
and carboxylic acid hydroxyl moieties were quantiﬁed in the
different lignin fractions. The measurement of these lignin pre-
parations revealed a reduction in the aliphatic hydroxyl content,
and an increase in the total phenolic hydroxyl groups relative to
the acetone-insoluble kraft lignin. This ﬁnding has precedent in
the literature when probing the chemistry of the kraft process,
which is known to form new phenolic hydroxyl groups while
removing aliphatic hydroxyl functionalities as the lignin fragments
into smaller species. Quantitative 13C NMR spectroscopy was used
to measure the MWL of E. globulus, E. nitens, E. urograndis, birch,
red alder, Acacia, and cottonwood hardwoods [161]. The authors
compared acetylated and non-acetylated lignins. A linear correla-
tion was measured when the C9-normalized methoxy contents,
obtained via wet chemical techniques, were plotted against the S/
G ratios, β-O-4 per 100 aromatics, and methoxy per 100 aromatics,
measured using NMR. Ball-milled switchgrass lignin was evaluated
before and after a dilute H2SO4 pretreatment using 1H, 13C, 2D-
NMR, and 31P NMR [160]. Quantitative 13C NMR elucidated con-
siderable differences when untreated and pretreated switchgrass
were compared. The ball-milled lignin was not free of carbohy-
drates, and the S lignin content decreased following pretreatment
as did β-β, β-5, and β-O-4 substructures. 2D-NMR detected
cinnamates derived from coumarates and ferulates while 31P
NMR was used to quantify aliphatic, condensed phenolic, G
phenolic, p-hydroxyphenyl, and carboxylic hydroxyl functional-
ities. Pretreated switchgrass showed an increase in all hydroxyl
groups except aliphatic hydroxyls. Quantitative 13C NMR was used
to characterize the chemical structure of kraft and nitrosated
lignins extracted from softwood black liquor [151]. Carbon con-
taining functionalities such as aldehyde, carbonyl, carboxyl, and
methoxy groups were quantiﬁed for each of the lignin prepara-
tions. The lignin was determined to be derived from softwood
biomass only, as only G lignin subunits were measured. Methoxy
and carbonyl groups decreased, while the number of carboxyl
groups increased, when the evaluation of mechanical grinding
lignins were juxtaposed to kraft lignin. Nitration, using sodium
nitrate, resulted in the loss of methoxyl groups and the formation
of carboxyl units. Nitrosation was found to demethylate approxi-
mately 15% of G lignin rings and eliminate the side chains, forming
a higher proportion of carbonyl and carboxyl groups. Butanol was
found to preferentially extract low molecular-weight groups of the
nitrosated lignin. Lastly, proton NMR was employed to study
Organosolv lignins isolated from prairie cordgrass, switchgrass,
and corn stover [144].
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2.6. Electronic spectroscopy
UV spectrophotometry provides another analytical tool for lignin
structural analysis, as lignin absorbs light in this region of the
electromagnetic spectrum [44,128,129,133,173–175].Phenolic hydro-
xyl groups were quantiﬁed using differential UV spectrophotometry
by evaluating technical lignins using wavelengths at 300 and 360 nm
[44]. The change in molar absorptivity (Δε) of the unknowns was
compared with that of model compounds. Carbonyl structures,
including aldehydes and ketones, were also quantiﬁed using differ-
ential UV spectrophotometry. UV microspectrophotometry was used
to topochemically measure sugarcane lignin in a variety of cell wall
structures [175]. Spectra of untreated sugarcane revealed an absorp-
tion maximum at 278 nm, indicative of G lignin units, and another,
more pronounced band at 315 nm, due to hydroxycinnamic acids
connected to lignin. The strongest signal stemmed from analysis of
the vessel secondary wall from rind and pith. The secondary wall of
parenchyma cells showed the lowest absorption. Pretreatment of the
rind and pith, with an acetic acid/sodium chlorite aqueous solution,
resulted in 12% deligniﬁcation in the rind after four hours of
incubation, and 5% lignin removal in the pith following the two hour
incubation. UV spectra of the secondary cell wall showed lignin
remained in the CCs and CML following the four hour pretreatment.
The band at 315 nm decreased ﬁrst, indicative of the removal of
hydroxycinnamic acids in the beginning stages of deligniﬁcation.
Lignin detection in the cell walls of brown-rotted Scots pine was
evaluated using scanning UV microspectrophotometry [173]. Sap-
wood samples were incubated for 6, 8, 10, 30 and 50 days with the
fungus Coniophora puteana. As the polysaccharides degraded, the
absorption at 280 nm increased with time for both early and
latewood. Lignin absorbance values were higher when the CCs were
measured, relative to the secondary wall. 2D and 3D UV images were
constructed by scanning the sample at 280 nm with a spatial
resolution of 0.25 μm0.25 μm. CCs and the CML were found to
contain the greatest lignin content. This technique enabled the in situ
monitoring of the fungal degradation of polysaccharides, and con-
comitant lignin absorbance.
Fluorescence spectroscopy provides another electronic spectro-
scopic tool for lignin structural analysis [102,103,120,131,176,177].
Fluorescence lifetime imaging (FLIM) enabled the analysis of
normal and compression pine wood [177]. Fluorescence lifetime
refers to the amount of time that elapses between excitation of the
ﬂuorophore, and when the relaxation results in photon emission.
The differences in the FLIM measurements between normal and
compression wood coincided with the identiﬁed alterations in
lignin composition and distribution in tracheid cell walls. Many
lignin intrinsic ﬂuorophores were measured to have differing
lifetimes. Comparisons in the total ﬂuorescence lifetimes revealed
a short-lifetime ﬂuorophore, identiﬁed in the outer secondary
walls of the tracheids of compression wood, while no such
molecule was measured in normal wood. This technique proved
superior to routine ﬂuorescence intensity spectroscopy for eluci-
dating key cell wall differences, such as between the secondary
wall and middle lamella. Coletta and co-authors also used FLIM
to elegantly map lignin distribution in sugarcane bagasse [176].
Acidic and alkaline pretreatment effects on lignin were studied
using ﬂuorescence decay. A direct relationship between the rate
of decay and the amount of lignin was identiﬁed: the lower the
lignin contents, the slower the decay measured. Shifts in the
decay time distributions resulted from increased NaOH pretreat-
ment, meaning the shift was interrelated with the deligniﬁcation
extent. Broadening of the decay peaks was indicative of lignin
structural rearrangements to more disordered conformations.
Domains within the plant cell with differing lignin concentra-
tions were measured. The low-lignin regions of the cell wall were
efﬁciently deligniﬁed with NaOH, whereas the high-lignin
portions could only be deligniﬁed using the highest alkalinity
used. Using this methodology, the authors concluded that lignin
is preferentially removed from inside the cell wall ﬁrst, while the
other lignin portion aggregates on the cell wall exterior, following
the alkaline treatment. Using FLIM, the untreated sugarcane
bagasse was found to have weak lignin–lignin interactions. Acid
treatment resulted in the accretion of the non-solubilized lignin
fraction. Fluorescence microscopy has been utilized to probe
compositional and structural variations in Siberian dogwood
[103] and lignin distribution in the compression wood tracheids
of Yunnan pine [102].
2.7. Atomic force and electron microscopy
Atomic force (AFM) and electron microscopy have enabled
researchers to visually characterize the ultrastructure and mole-
cular conﬁguration of lignin in plant cell walls, evaluate morp-
hological changes during lignin pretreatments, and survey lignin
surface characteristics such as morphology and roughness [71,75,
103,178,179]. Gidh et al. developed a novel technique for using
AFM to visualize the molecular conformation of lignin isolated
from black liquor [178]. The measured molecular size was in
agreement with results obtained via a light scattering method.
The surface morphology of an Indulin AT ﬁlm, a commercial
softwood Kraft lignin, was explored using AFM [179]. The AFM
images revealed a smooth surface, although a rougher surface was
measured when juxtaposed to glucomannan ﬁlms. Scanning
electron microscopy (SEM) was used to gauge sugarcane bagasse
lignin deconstruction during ozonation [75]. The untreated bio-
mass revealed homogeneity in the parenchyma. Following four
hours of ozonation, surface morphological changes could be seen.
Epidermal changes in surface roughness were also captured,
indicative that the ozonation treatment was oxidizing the bagasse
surface. Field-emission SEM was employed to gauge the efﬁciency
of pretreating milled birch and pine wood using hydrothermal,
hydrotropic, and IL pretreatment strategies [71]. No signiﬁcant
structural changes were witnessed following a 30 or 120 min
hydrothermal treatment. Higher magniﬁcation revealed formation
of spherical droplets of pseudo-lignin. The images captured after IL
incubation displayed a more swollen structure, with higher sur-
face degradation when compared to the hot water extraction. The
authors note that the IL pretreatment was more effective on pine
compared to birch. Neither swelling nor surface degradative
changes were witnessed following the sodium xylenesulphonate,
hydrotropic treatment. Transmission electron microscopy (TEM)
was used to characterize the ultrastructure of Cornus alba L.
(dogwood) cell walls [103]. The CML exhibited lignin heterogene-
ity, revealing a blotchy, electron dense region. The variations in
electron density were found to be representative of lignin deposi-
tion, which was directly proportional to concentration. The inter-
ﬁber pit membranes, followed by the ﬁber and parenchyma, were
measured to have the highest lignin concentration, while the
lowest concentration was measured in the pit membrane between
the ﬁber and vessel.
2.8. Miscellaneous analytical methods
A variety of other methods have been explored and developed
to pursue a more vigorous comprehension of lignin structure. The
techniques include differential scanning calorimetry for the deter-
mination of the glass transition temperature of industrial lignins
[60], ellipsometry for the measurement of lignin dielectric proper-
ties [179], optical absorption spectroscopy to assess the ozonation
treatment of sugarcane bagasse [75], potentiometry for quantita-
tion of carboxylic and phenolic hydroxyl functionalities [44], and
the use of DFT calculations to probe lignin valence band structure
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[180] as well as develop theoretical Raman spectra vibrational
mode assignments for model lignin compounds [88]. Lastly,
although NIR spectroscopy has not conventionally been employed
to gauge lignin structure, Mitsui et al. used the vibrational mode at
6913 cm1 to probe the degradation of phenolic hydroxyl groups
during a steam treatment of Sitka spruce [181].
3. Lignin-carbohydrate and lignin-lignin linkages
One of the hottest topics in contemporary lignin research is the
evaluation of lignin linkages, both to carbohydrates and to other lignin
molecules. Understanding how these cell wall components are inter-
laced can provide paramount insights into forming strategies to
efﬁciently decompose plants for biofuel and bio-based chemical
applications. A distinguished overview has explored the mechanisms
responsible for the incorporation of hydroxycinnamates in the ligni-
ﬁcation of biomass [172]. For example, it has become apparent that
ferulate, dehydrodiferulates, and other oligomers of ferulate, actively
participate in cross-linking reactions between carbohydrates and
lignin. This cross-linking reduces the ease with which lignocellulosic
biomass deconstructs, thus requiring more stringent pretreatment
strategies. Table 5 summarizes the quantitation of lignin–lignin and
lignin–carbohydrate linkages in various lignin fractions.
3.1. Wet chemistry and chromatography
Thioacidolysis coupled with size-exclusion chromatography (SEC)
enabled analysis of lignin–carbohydrate complexes (LCCs) in spruce
[182]. Arylglycerol-β-aryl ether linkages were cleaved using the
thioacidolysis protocol, resulting in monomeric and oligomeric species
that were gauged using SEC. Monomers and dimers comprised the
majority of the thioacidolysis-fragments, and relatively few condensed
structures. Thioacidolysis-GC of glucan-lignin (GL), glucomannan-
lignin (GML), and xylan-lignin (XL), from pulps that were incubated
with laccase-mediator systems, revealed that only XL contained
uncondensed monomeric groups [183]. Pulps treated with laccase-1-
hydroxybenzotriazole exhibited stronger deligniﬁcation. SEC showed
that the laccase-mediator systems effectively deconstructed lignin to
smaller fragments.
SEC, following acetobromination, enabled the molecular mass
distribution of novel preparations of LCCs that varied in the
severity of pH [184]. Increased alkalinity resulted in lower mole-
cular masses, due to the breaking of speciﬁc linkages. Despite this
trend, further escalations in alkalinity did not result in the
production of free lignin. Xylanase, mannase, and pectinase were
applied to the four LCC fractions. Pectinase affected the molecular
weight of one of the preparations, resulting in a shift to a higher
mass. The author proposed that pectin forms a globular network
interlaced with lignin. The pectinase treatment, in turn, increased
the hydrodynamic volume of the LCC. Analysis of another fraction
revealed that mannase and xylanase treatment resulted in a shift
to lower molecular weight, indicative of GML and XL complexes.
SEC analysis of thioacidolysis products was used as a gauge of
molecular weight differences before and after deligniﬁcation [185].
Two dominant fractions could be discerned from the chromato-
grams: a glucomannan-lignin-xylan and a xylan-lignin-glucomannan
complex. The latter complex possessed a linear arrangement of β-O-4
linkages, while the glucomannan-lignin-xylan fraction resembled
conﬁgurations observed in wood. The effects of ball-milling on the
LCCs of E. globulus were characterized using thioacidolysis, SEC, GC,
and NMR [186]. The thioacidolysis-SEC data showed that 12 h of ball-
milling had no effect on the separationwhereas 24 h rigorously altered
lignin structure, creating non-hydrolyzable lignin linkages. Monomeric
Table 5
Quantitation of lignin–lignin and lignin–carbohydrate linkages in various lignin fractions.
Plant Benzyl ether β-O-4 Resinol (β-β) Phenyl-coumaran (β-5) γ-esters Phenyl glycoside Spiro-dienone Reference
Agave Fiber 100a 0a 0a 0a [158]
Agave MWL 85a 4a 2a 7a [158]
Birch CEL 2.5b 48.1b 9.4b 3.0b 3.5b 0.8b [193]
Birch MWL 1.4b 38.4b 9.4b 2.2b 5.3b 3.5b [193]
Coconut Coir 82a 4a 13a [159]
E. dunnii 65.9a 19.0a 4.0a 4.2a [157]
E. globulus 69.3a 18.2a 2.9a 2.8a [157]
E. grandis 66.9a 16.5a 6.8a 2.9a [157]
E. maidenii 69.7a 16.4a 3.6a 3.6a [157]
E. nitens 71.7a 16.1a 4.0a 1.3a [157]
Eucalyptus wood 80a 14a 2a 2a [158]
Eucalyptus MWL 76a 17a 2a 2a [158]
Miscanthus Formsolv lignin 63a 0a 37a [135]
Miscanthus acetosolv lignin 73a 4a 23a [135]
Miscanthus MWL 93a 4a 3a [135]
Pine CEL 5.8b 35.1b 4.8b 10.7b 2.2b 0.6b [193]
Pine MWL 3.9b 27.5b 4.4b 9.8b 1.8b 2.0b [193]
Poplar MAL 5.8b 43.3b 4.0b 12.7b 1.3b 4.5b 0b [192]
Poplar MWL 2.1b 41.5b 3.7b 14.6b 3.4b 4.1b 0.7b [192]
Spruce glucan-lignin 72a 1a 11a 0a [190]
Spruce glucomannan- lignin 3.8 62a 6a 14a 4.4 1a [190]
Spruce MWL 56a 9a 17a 1a [190]
Spruce MWL 65a 11a 18a 0a [158]
Spruce wood 69a 10a 18a 0a [158]
Spruce xylan-lignin 6.1 53a 11a 13a 1a [190]
Sugarcane EL 17.7b 0b 4.8b 0b [167]
Sugarcane MBL 31.7b 1.7b 3.3b 1.4b [167]
Wheat Straw CEL n.d. 77.1a 1.9a 13.3a n.d. n.d. [166]
Wheat Straw ML 1.8a 79.3a 3.5a 14.4a n.d. 1.1a [166]
Wheat Straw ML 24.2a 2.7a 1.67a [137]
Wheat Straw MWL 75a 4a 11a 3a [59]
Wheat Straw Soda AQ Lignin 0.36a 0.15a 0.03a [137]
a Percent of the total side chains.
b Amounts of linkages per 100 aromatics.
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thioacidolysis products were not affected by 12 h of milling time
giving credence to the nomination of this duration as optimal. In the
quest for a universal dissolution technique for pulps and wood, a
variety of solvent systems were evaluated. DMSO plus tetrabutylam-
monium hydroxide was found to provide complete dissolution of
biomass. Two LCC fractions were determined using SEC, commensu-
rate with the theory that two types of lignin occur in wood: lignin
linked to glucomannan or xylan and cellulose.
Hydroxycinnamic acids, involved in ester and ether linkages
between carbohydrates and lignin, were isolated from barley,
maize, oil palm, rice, rye, and wheat feedstocks, and quantiﬁed
using HPLC [187]. Extraction with hot 4 M NaOH cleaves ester and
ether bonds, but an additional, milder alkaline extraction was
required to more efﬁciently isolate hydroxycinnamic acids. With
the exception of maize, the plants were found to have higher
ferulic than p-coumaric acid yields. Ferulic acid (FA) mainly
formed ester and ether complexes with hemicellulose and/or
lignin, while p-coumaric acid was predominantly involved in
ester-linkages with lignin. A similar analysis of cell wall ester
and ether-linked phenolics using HPLC was performed on various
Miscanthus feedstocks [188]. An analytical method employing GC
for cell wall phenolic analysis enabled investigations of how FA
was bound to the cell walls of dicotyledonous biomass such as
buckwheat, ﬂax, and soybean [189]. After oxidizing the cell walls
with a copper sulfate-NaOH solution, the GC analysis revealed that
60–80% of the FA was bound to cell-wall constituents via ether
linkages. This study concluded that hydroxycinnamic acids can
compose 0.01–0.19% of the dry weight of dicot cell walls.
3.2. Thermochemical methods
pyGCMS has aided researchers in assessing LCCs and lignin–
lignin linkages [182,183,190]. pyGCMS supplemented the NMR
analysis of GL, GML, and XL LCCs [182]. Since the signals from the
LCCs were quite low in the NMR spectra, lignin-polysaccharide
bonding was not entirely apparent. When pyrolyzed, GML cleaved
into glucomannan and lignin. The majority of phenolic monomers
had their side-chains detached completely, or at least shortened.
The most abundant fragments produced by pyrolysis were vanillin
(15.7%), 4-methylguaiacol (18.2%) and 4-vinylguaiacol (22.5%) for
GL, GML, and XL respectively. Analysis of GL, GML, and XL before
and after enzymatic hydrolysis unveiled noteworthy differences
in 19 detectable compounds using pyGCMS. Coniferyl alcohol
content, originally quite low in the LCCs, increased signiﬁcantly
following the enzymatic treatment, resulting in levels typically
quantiﬁed in MWL. The authors note that this clearly exposes the
effects carbohydrates have on the pyrolysis of lignin, since the
presence of lignin–carbohydrate linkages may prevent decompo-
sition reactions resulting in little to no coniferyl alcohol.
Another thermochemical method used for lignin linkage ana-
lysis is pyrolysis in the presence of tetramethylammonium hydro-
xide (pyTMAH), as a transesteriﬁcation and methylation agent
[59,65]. Importantly, this method circumvents the problems asso-
ciated with measuring p-hydroxycinnamic acids that form cross-
links between lignin and carbohydrates. When pyrolyzed, these
molecules can result in products similar to that of lignin. The
utilization of TMAH results in the measurement of methylated,
intact p-hydroxycinnamic acids. This method breaks β-O-4 ether
linkages in lignin, resulting in methylated aldehydes, ketones, and
acids, as well as transesteriﬁcation of p-hydroxycinnamic esters.
pyTMAH data revealed that ferulates are predominantly linked
with carbohydrates while p-coumarate is mostly connected with
lignin in wheat straw [59]. Abaca and sisal lignins were found to
contain high levels of p-coumaric and FAs. The ratio of coumaric/
ferulic acid was lower in isolated lignins (with broken ester bonds)
that in the whole plant (with intact ester bonds), indicative that
coumaric acid was involved in ester-linkages to lignin and carbo-
hydrates, whereas FA is involved in ether bonds with lignin.
LCCs isolated from three unbleached kraft pulps of spruce and
beech wood were characterized by GC and GCMS following oxida-
tion with 2,3-dichloro-5,6-dicyanobenzoquinone, and methylation
[191]. Benzyl ethers were found to provide the linkage between
carbohydrates and lignin, with galactose and mannose (in spruce),
and galactose and xylose (in beech) primarily furnishing this bridge.
The principal bonding position in hexoses was the C6, while the C2
and C3 in xylose also were paramount in forming LCCs. The authors
established that cellulose could be linked to lignin in residual lignin
preparations, perhaps providing the source of carbohydrates often
measured in isolated lignins.
Other analytical methods used for assessing lignin–lignin and
lignin–carbohydrates linkages include: the evaluation of extracted
herbaceous lignins using MALDI-ToF [73], the detection of erythro
and threo forms of the β-O-4 linkages of hardwood lignins using
ozonation [161], and the use of permanganate oxidation to
evaluate the inter-unit linkages of three industrial lignin fractions
[60].
3.3. Nuclear magnetic resonance
A quick survey of the literature will delineate NMR as the most
commonly employed analytical tool for probing lignin–carbohydrate
complexes (LCCs) and lignin–lignin linkages [54,59,61,132,135,137,157–
161,165–167,172,182–184,186,190,192–195]. Du and co-authors have
recently employed various NMRmethodologies to elucidate how lignin
is linked to other cell wall constituents [182,183,190]. An ubiquitous
approach to LCC isolation and the subsequent analysis of lignin in the
complex was proposed using spruce wood to demonstrate the validity
of the established technique [182]. The authors improved upon a
previously developed hardwood and non-wood fractionation techni-
que by adding an additional preparatory step incorporating barium
hydroxide precipitation to sequester the GML complex, extending the
method to softwoods. GL, GML, and XL complexes were found to
contain high levels of lignin (19.3–42.7%), owing to the success of the
fractionation procedure. Using a 400MHz HSQC 2D-NMR instrument,
no lignin signals were detected for either the GL or GML complexes,
but were evident in the XL fraction. Solid-state CP/MAS NMR was used
to evaluate GML since solubilizing this high molecular-mass complex
proved problematic. Aromatic moieties were clearly discernible in
GML, but spectral resolution prevented elucidation of further structural
features. Use of a cryo-platform and probe enabled higher resolution
2D-NMR of GML. Analysis of these complexes with traditional NMR
was not possible due to the bondage of lignin to carbohydrates, thereby
creating the high molecular-mass assemblage. GL, GML, and XL
complexes were treated with xylanase or endoglucanase/β-glucosidase
and evaluated with 2D-NMR [190]. Removal of the polysaccharides
allowed the enhancement of the NMR analysis of the lignin fraction of
the LCC as lignin comprised 92.6–98.8% of the remaining complex.
Although phenyl glycoside, uronic γ-ester, and benzyl ether lignin–
carbohydrate linkages have been reported to be detectable using 2D-
NMR, these bonds were not discernible until the polysaccharides had
been enzymatically deconstructed. Linkages, attributed to phenyl
glycosides, were evident in GML following enzymatic treatment. While
these linkages had been envisaged, but not directly measured in
spruce, this work quantiﬁed three separate types of this complex in
GML, which the authors attribute to different sugar moieties linked to
the phenolic hydroxyls of lignin. Due to signal overlap with spirodie-
nones, only one benzyl ether structure, hypothesized to represent the
lignin Cα conjoined to primary hydroxyl of a sugar unit, was identiﬁable
in spruce LCCs. Galactose side-chains were postulated to play a major
role in the complexation of lignin to carbohydrates, due to the
increased quantity of this sugar compared to glucose, mannose, and
xylose. Inter-lignin linkages were also elucidated following the
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enzymatic removal of polysaccharides. In all, ﬁve lignin–lignin linkages
were detected in GML and XL, namely, β-O-40, phenylcoumaran,
dibenzodioxocin, pinoresinol, and spirodienone groups. The low solu-
bility and resultant limited spectral resolution in the GL analysis only
allowed the detection of β-O-40 and phenylcoumaran linkages, and
lignin methoxyl moieties. Following acetylation of this sample, the
solubility increased, resulting in the identical linkage detection as the
GML and XL. The relative percentage of the diverse lignin substructures
was calculated by peak integration. The most abundant structures in
spruce were β-O-40 ethers (53–72%) and phenylcoumaran (11–17%). GL
lignin emerged as the most atypical, possessing 72% β-O-40 ethers, very
low pinoresinols, and no spirodienones.
LCCs, from laccase-mediator treated eucalyptus kraft pulp, were
partitioned into GL and XL fractions and analyzed with 1H–NMR
[183]. GL complexes represented 80% of the isolated fractions,
containing between 0.4% and 2.4% lignin, while XL fractions (20%
yield) had higher quantities of lignin (2.7–7.3%). The GL complex
was acetylated to promote solubility. No lignin was detected in the
aromatic proton region of the NMR spectrum due to the low lignin
contents of these fractions. XL fractions were dissolved in DMSO-d6,
and following signal ampliﬁcation in the aromatic region of the
spectra, a broad peak could be perceived, conﬁrming that the lignin
was entangled with xylan.
Analytical 31P NMR was used to assess different novel preparations
of LCCs, classiﬁed by their severity of pH, and dissolved in an IL [184].
The lowest guaiacyl phenolic contents were found in pectin–lignin
(PL) and XL complexes. Condensation in the phenolic units was
highest, however in the PL fraction. Xylan-rich LCCs contained the
lowest levels of condensation of phenolics and ethers.
Solution-state 2D-NMR was used to demonstrate the cleavage
of lignin and xylan in wheat straw following a hydrothermal
pretreatment and enzymatic sacchariﬁcation [165]. Using 13C–1H
NMR spectra, it was ascertained that β-aryl ether linkages dec-
reased by 60% while acetyl linkages diminished by 81%. Aromatic
functionalities in lignin remained unaltered from the pretreatment
strategy. This study established that the hydrothermal pretreat-
ment ruptured the linkages between hemicellulose and lignin,
leaving lignin and cellulose inside the plant cell wall.
HSQC 2D-NMR has also been utilized in the analysis of lignin
linkages in the MWLs of various eucalypts [157]. The dominant
linkages were measured to be β-O-4 ether (66–72%) followed by β-
β-resinol-type (16–19%), and β-50-phenylcoumaran linkages. The
HSQC spectra enabled the β-β structures to be classiﬁed as
predominantly syringaresinol moieties. This instrumentation was
also applied to the analysis of lignin linkages in coconut coir [159].
These linkages were measured to follow the trend: β-O-4 ether4
phenylcoumaran4resinol4dibenzodioxocin. Linkages in ball-
milled eucalypt, spruce, and agave were assessed in a deuterated
DMSO gel using HSQC 2D-NMR [158]. β-O-4 ethers were the most
copious linkages, comprising 76, 65, and 85% of eucalyptus, spruce,
and agave MWL, respectively. β-β-resinols (17%) were the second-
most prevalent linkage for eucalyptus, while β-50-phenylcoumarans
(18%) and β-10 spirodienones (7%) were the next most abun-
dant linkages for spruce and agave, respectively. HSQC 2D-NMR
has also been used to characterize the lignin linkages in wheat
straw [59].
HSQC, heteronuclear multiple bond coherence (HMBC), and
quantitative 13C NMR were employed in the analysis of LCCs isolated
from loblolly pine [194].The fractions contained nearly equivalent
carbohydrates and lignin, and were much higher in their arabinose
and galactose contents. HSQC spectra revealed the presence phenyl
glycoside bonds. Multiple signals indicated that different carbohy-
drates were attached to lignin. Benzyl ether and γ-ester lignin–
carbohydrate bonds could also be detected. LCC linkages were
quantiﬁed in MWL and CEL preparations from loblolly pine and
white birch woods using 13C NMR and HSQC 2D-NMR [193]. A
previous study revealed that extracting MWL with acetic acid
resulted in LCC-rich preparations. Phenyl glycoside, benzyl ether,
and γ-ester linkages were detected in both the acid-extracted MWL-
LCC and the CEL-LCC. NMR signals between 103–96 (phenyl glyco-
side), 90–78 (benzyl ether), and 65–58 (γ-ester) ppm from the
corresponding 13C NMR spectra were used as internal reference
standards such that the relative amounts of the various linkages
could be quantiﬁed using HSQC 2D-NMR. These values were then
associated with the signal from the aromatic carbons between 163
and 103 ppm, enabling the calculation of speciﬁc linkages per 100
aromatic groups. This work presents the ﬁrst direct method for
quantifying these linkages in LCC fractions. The pine CEL-LCC was
found to contain higher quantities of benzyl ethers, β-O-4, β-β, and
β-50 linkages, compared to the acetic acid-extracted MWL-LCC.
Phenyl glycosides were found to be much lower in the CEL fraction
(0.7/100 aromatic groups) compared to MWL-LCC (7.2/100 aromatic
groups). A similar trend was measured with white birch, except β-β
content was lower in the CEL-LCC. These results indicate that the CEL
method of preparation leaves the lignin less degraded. Using a
950 MHz NMR spectrometer equipped with a CryoProbe™, the
spectral signals from γ-esters were resolved to γ-acetyl and γ-
uronosil groups. In sum, the authors found that CEL preparations
are best suited for studying benzyl ether linkages, but that birch
MWL and pine LCC acetic acid fractions provide better analytes for
detection of phenyl glycosides and γ-ester linkages. A similar study of
LCCs has been performed using MWL and mild acidolysis lignin
(MAL) from poplar [192]. Using a combination of 13C NMR and HSQC
2D-NMR, the authors determined that 4-O-methylgluconoxylan is
the main carbohydrate coupled to lignin. The main linkages quanti-
ﬁed in either LCC preparation were β-O-40 aryl ethers representing
60.9 and 70.4% of MWL and MAL side chains, respectively. The other
dominant linkages in both preparations were resinol and phenylcou-
maran structures. The XL fraction of E. globulus LCCs was then
partitioned into soluble and insoluble preparations [195]. The inso-
luble fraction was further extracted into a soluble and insoluble
portion using DMSO. This soluble preparation was predominantly
xylan with some syringyl lignin, potentially enriched in phenyl
glycoside linkages, while the insoluble portion was predominantly
lignin with little xylan, and was quite similar structurally to MWL
with α-ether-type LCC linkages. Milled-straw lignin (MSL) and CEL
from wheat straw were contrasted using quantitative 13C NMR and
HSQC 2D-NMR [166]. CEL contained much higher quantities of
polysaccharides as well as ferulate. Thus, the authors concluded that
the isolation of CEL is paramount to effectively evaluating ferulate
content. As a whole, the hydroxycinnamates comprised a higher
proportion of the CEL compared to MSL. The analysis of inter-lignin
linkages revealed that 77.1 and 79.3% of the bonds were β-O-4 for
CEL and MSL, respectively. No LCC linkages were determined for the
CEL preparation, and only benzyl esters and ethers were detected for
the MSL fraction. The authors hypothesized that these results give
credence to LCCs in wheat straw being primarily comprised of
ferulate linkages. This technique was recently extended to a variety
of sugarcane bagasse lignin preparations to gauge the effectiveness of
a phosphoric acid/steam pretreatment protocol [167]. Ball-milled
bagasse, ethanol-dissolved, water-soluble, and dioxane-dissolved
lignin samples were evaluated for hydroxycinnamates. The water-
soluble lignin fraction contained nearly four times as much ferulate
compared to the other preparations, indicative that sugarcane
bagasse LCCs were linked via ferulate molecules. The p-coumarate
content was highest in the ball-milled and dioxane-dissolved lignins,
and lowest in the water-soluble sample. No β-O-4 linkages were
detected in the water-soluble fraction, signifying a monomeric and
not a polymeric lignin, as was later conﬁrmed using gel permea-
tion chromatography (GPC). Overall, the phosphoric acid/steam
pretreatment cleaved the β-O-4 linkages in lignin, resulting in
elevated syringyl content. 13C NMR and HSQC 2D-NMR have been
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Table 6
Bond distances and dissociation energies for the ether and the C–C linkages of lignin model compounds with a representative optimized structure.
Bond distance (A0) Bond energy (kcal/mol)
C–C linkages [217]
β ¼1 1.34 163.5
β-O-4 1.52 76.84
α-1 1.51 91.1
5-5 1.48 116.8
ß-5 1.46 126.4
ß-1 1.54 67.68
C–O linkages [217]
α-O-4 1.43 52.41
β-O-4 1.43 63.79
4-O-5 1.38 80.08
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employed in the analysis of lignin and LCC linkages in wheat straw
following a 13C isotopic labeling of xylose [137]. The lignin-13xylose
complexes were extracted and ball-milled prior to soda-anthraquinone
(AQ) pulping. 13C NMR analysis suggested that the C2 position in xylose
is connected to lignin via γ-ester linkages, and that the C5 position
of xylan is possibly coupled to lignin via benzyl ether bonds. The
predominant lignin inter-unit linkages were β-O-4, β-β0, β-50, and β-1;
however, all were found to be signiﬁcantly lessened following the
pulping process. Carbohydrate association in Miscanthus x giganteus
with different lignin preparation was gauged using HSQC 2D-NMR
[196]. The predominant polysaccharides in ethanol Organosolv lignin
were α-and β-arabinofuranose, which were conjoined to lignin via p-
coumarate linkages.
Other studies employing NMR techniques applied to lignin–lignin
and lignin–carbohydrate linkages include an assessment of inter-unit
and LCC linkages of MWL and lignin preparations produced by
fractionation with either acetic or formic acid, extracted from
Miscanthus x giganteus [135], the evaluation of ball-milled switch-
grass lignin linkages, before and after a dilute H2SO4 pretreatment
using a combination of 13C, HSQC, and 31P NMR methods [160], and
the assessment of inter-unit linkages in MWLs from beech, pine, and
spruce using 13C NMR and HSQC 2D-NMR [61].
3.4. Computational aspects of lignin linkages
Quantiﬁcation of structural features and chemical properties of
lignin is crucial for understanding the recalcitrance of biomass.
Besides experimental techniques, computational chemistry tools
such as quantum chemistry calculations and molecular dynamics
(MD) simulations are useful for characterizing the structural and
energetic properties of the model lignin compounds and macro-
models of lignin. Theoretical approaches provide accurate struc-
tures, energies, and molecular electronic properties and have been
described as “Molecular Orbital Spectrometers” [197]. As noted in
Section 2.8, theoretical methods were utilized for lignin analysis
and aided in validation of vibrational spectra and conformations.
Boltzmann-averaged, multi-standard NMR calculations were used
for evaluating the 13C gauge including atomic orbital (GIAO) and
1H chemical shifts with experimental data for the four stereoi-
somers of the β-O-4 dimer, as well as the 5-5, β-5, and β-β dimers
of coniferyl alcohol [198]. The 13C results show an excellent
correlation with experiment (R240.99). DFT based methods
offered the possibility of qualifying the assignment of Raman
bands of lignin and lignin models (below 1600 cm1), thereby
helping to avoid inaccurate spectral band assignments [88].
Various quantum chemical methods and MD simulations have
been explored in understanding structure, [199,200] lignin biosynth-
esis, [201] lignin pyrolysis, [202] and force-ﬁeld based modeling of
lignin macromolecular assembly [203,204]. Quantum chemical calcu-
lations provide insight into molecular information that is inaccessible
to conventional experimental techniques. In a recent review, Elder
summarized computational efforts, such as Hückel calculations,
hybrid DFT methods, and force-ﬁeld based MD simulations, carried
out for the development of a better understanding of lignin struc-
ture [205]. The association between lignin and cellulose has been
modeled using molecular mechanics tools [206–208]. DFT calcula-
tions were carried out to characterize radical–radical coupling reac-
tions involved in monolignol dimerization of six major linkages
observed in natural lignin and to compute reaction enthalpies for
the initial self- and cross-coupling reactions [201]. This work sug-
gested that 8-O-4, 8-8, and 8-5 couplings were more favorable than
the 5-O-4, 5-5, and 8-1 linkages. Quantum chemical calculations and
MD methods for understanding lignin synthesis and structure were
highlighted by Sangha et al. [209]. Extensive experimental and
theoretical studies were conducted on phenethyl phenyl ether
(PPE), a model for the lignin β-O-4 linkage [210,211]. Beste and co-
workers have illustrated the substitution effects of homolysis on PPE
[211] and β-5 model compounds [212]. Homolytic cleavage reactions
and chain-propagating steps in the thermal degradation of substi-
tuted β-O-4 linked dilignols and the concerted pyrolysis mechanisms
for fully substituted G, S, and H type lignin compounds were
investigated using quantum chemical calculations [213]. More
recently, acid-catalyzed reactions [214,215] and IL interactions with
lignin model compounds [216] were studied. For the ﬁrst time, bond
dissociation energies (BDEs) of the ether and carbon–carbon (C–C)
bond linkages in diverse lignin model compounds were reported
[217]. These molecules had different substituents on the arene rings
and aliphatic carbons connecting the rings, thereby covering the
dominant linkages found in polymeric lignin. The calculated bond
distances and BDEs from the optimized geometries of lignin model
compounds are reported in Table 6. As mentioned above, the lignin
linkages can be classiﬁed into two broad categories: ether linkages
and C–C bond linkages. Within the ether classiﬁcation, 4-O-5 com-
pounds contain the shorter linkages (shortest, 1.375 Ǻ) while the β-O-
4 (1.44 Ǻ), and α-O-4 (1.43 Ǻ) compounds tend to have longer ether
bond lengths. C–C linkages, including the β-1 linkage, generally
comprise the larger bond lengths (1.55 Ǻ). The exceptions occur for
the double-bonded stilbene type of β-1 compounds. The C–C bond
lengths observed in the β-5 linkage subtypes are shorter, with a bond
distance around 1.46 Ǻ. In general, the linkages with ether bonds are
comparatively shorter than those with C–C linkages except for those
with C˭C double bonds in the β-1 linkage subtype compounds.
The bond dissociation energies at 298 1K (Zero Point Energy
corrected) for the ether and the C–C linkages of the lignin
compounds are also shown in Table 6. Overall, except 4-O-5 type,
the β-O-4 and α-O-4 ether bonds were found to be weaker than
the C–C linkages. Ether bonds in 4-O-5 type linkages are the
strongest and also exhibit the shortest bond lengths, as expected.
In the Cα–Cβ linkage category, β-1 type bonds are the weakest.
They are followed by the β-O-4 linkages. It is quite likely that the
fragmentation in these β-O-4 linkages, one of the highly abundant
linkages in nature, is facilitated by the weaker ether bonds instead
of the Cα–Cβ cleavage. α-1 linkages show higher C–C BDEs com-
pared to β-O-4 and β-1 linkages.
Within the α-O-4 linkage category, methoxy group substitutions
at the di-ortho position in the arene ring, adjacent to the ether bond,
gives rise to the lowest BDEs. Single methoxy substitutions at ortho
positions result in higher BDEs, while even higher BDEs are seen in
α-O-4 linked compounds when there are no ortho substitutions. A
strong relationship between the calculated bond length of a C–C
bond and its bond strength indicate that the longer the bond, the
easier it is to break. However, no similar correlation was found for
ether bonds. The weakening of ether linkages can be attributed to
steric hindrance induced by the ortho-methoxy groups. The lowest
BDEs for C–C linkages have been calculated are seen in the β-1 Cα–Cβ
bond types. Naturally, β-1 type linkages with Cα–Cβ double bonds
exhibit the highest BDEs among all model compounds containing C–
C bond linkages. A similar study on lignin model compounds showed
that oxidation of primary and secondary alcohol groups on the alkyl
substituents of lignin resulted in lower BDEs [218]. LCC linkages
comparing hydrogen and covalent bonds in cellulose-hemicellulose
and lignin-hemicellulose complexes were assessed using DFT calcu-
lations [219].The authors concluded that the ether bonds in LCCs
were less stable in pretreatment, though a more comprehensive
understanding of the nature of bonding between sugars and lignin
covering different categories will be necessary for targeting these
linkages. DFT calculations on lignin model compounds not only were
successful in predicting the BDEs and reactivity trend on experimen-
tally observed product selectivities but also emphasized the roles of
electron delocalization and methoxy group effects on the radical
cation formation [220]. Also, the dissociating linkages can have
different adjacent substituents, such as the methoxy functionality
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on arene rings and hydrocarbon, methyl, and hydroxyl group
substitutions on aliphatic carbon atoms. These substituents affect
the ease of dissociation of lignin linkages and can be used to develop
predictive models for deligniﬁcation.
4. Lignin molecular weight
A key metric for studying lignin physicochemical properties, reactiv-
ity, and deconstruction whether through biochemical (i.e., lignin-
degrading enzymes, pretreatments) or instrumental means (i.e., pyro-
lysis) is the measurement of the molecular weight [61,64,73,77,78,
81,128,129,134,135,147,150,163,167,169,170,178,183,184,196,221–224].
Analytical techniques capable of accurately quantifying lignin's molecu-
lar weight have been elusive due to the complexity of the lignin three-
dimensional structure and disparities in both polarity and solubility.
4.1. Chromatography
Gel-permeation and size exclusion chromatography (GPC and SEC,
respectively) are two of the most common methods employed for the
determination of lignin molecular weight (MW). While a variety of
studies utilize these techniques to evaluate the molar mass of lignin,
only novel, contemporary results will be showcased in this section.
Although there have not been abundant advances in the methodology
of GPC, a few applications highlight how researchers have recently
employed its use. One conventional usage is for gauging lignin
degradation fromvarious deligniﬁcation strategies. A novel “expansion”
pretreatment method was evaluated for its ability to delignify rice husk
and straw [163]. GPC enabled the comparison of different lignin prepa-
rations that were partitioned according to variations in the water
content of the pretreatment. GPC analysis of the fractionation of kraft
lignin to more narrow fractions for commercial application disclosed
the reduction in polydispersity with increasing aliquots of hexanes
[169]. The authors hypothesize that this polydispersity diminution
could be achieved due to the stepwise addition of hexanes allowing a
more gradual polarity modiﬁcation. The polydispersity index, calcu-
lated from the analysis of the GPC data, decreased rapidly with hexanes
addition. In another study, lignins, isolated from ball-milled wild-type
and transgenic alfalfa, were measured using GPC to determinewhether
signiﬁcant differences in MW resulted from the modiﬁcation [170].The
transgenic lignins had smaller MWs when juxtaposed to the isolated
wild-type lignin. Lower degrees of down-regulation resulted in lignins
that were congruent to the native plant. GPC also aided in evaluating
the MW of lignin isolated from: binderless boards produced from
thermomechanical pulp [134], milled pine, MWL, and residual enzyme
lignin [150], industrial black liquor [61], and the effect of a dilute
phosphoric acid/steam explosion pretreatment on sugarcane bagasse
lignin [167].
Baumberger et al. addressed the demand for standardized SEC
measurements [222]. SEC is advantageous since it provides a wide
mass range, but comparing results from different laboratories has
proven challenging, in part to the differences in selecting appropr-
iate calibration standards such as polystyrene, lignin model com-
pounds, or pure lignin. Kraft, soda bagasse, steam explosion, and
Alcell lignins, as well as lignosulfonates were evaluated using various
column conﬁgurations, and eluents. In all cases, the number average
molecular weight (Mn) proved to be more reproducible between labs
than the weight average (Mw). Linear calibration curves (coefﬁcient of
determination, R2¼0.99) were produced for the speciﬁc mass ranges
considered, depending on the eluent. The authors also probed the
best data processing techniques for integration of chromatographic
peaks. Separation conﬁgurations that resulted in the most reprodu-
cible data were outlined for both aqueous and organic matrices.
A derivitization scheme using acetobromination allowed the
preparation of tetrahydrofuran (THF)-soluble lignin derivatives for
use in SEC [221]. Non-polar and polar associative reactions between
lignin and a variety of solvents impede accurate MWmeasurements.
In the interest of developing a standardized protocol for reliable
assessments of various lignin MWs, the authors employed acetyl
bromide in excess glacial acetic acid to curtail associative reactions.
In addition to two kraft lignins, MWL was used due to its known
structural similarity to native lignin. Acetobromination required as
little as 30 min reaction time compared to using acetic anhydride in
pyridine, which required six days to react. Dissolved lignin samples,
in THF were found to be stable for at least one week.
Multi-angle laser light scattering (MALLS) coupled with SEC has
enabled a more detailed analysis of lignin MW and its aggregates
[178,224]. MALLS utilizes detectors placed around a ﬂow cell at 18
different locations to efﬁciently capture light scattering. The inte-
nsities measured are directly proportional to the molecular mor-
phology. Traditional SEC was compared with MALLS through the
use of sodium polystyrene sulfonate MW standards. Good agree-
ment was found between manufacturer speciﬁcations and MALLS.
Overall, use of MALLS led to a signiﬁcant reduction in data
acquisition time, and in addition to determining variations in
MW, MALLS also enables differences in hydrodynamic and gyra-
tion radii to be monitored. The authors identify the main advan-
tage of this technique as its ability to characterize large lignin
aggregates, which were undetected using refractive index (RI) or
UV detectors [224]. The absence of these aggregates in traditional
RI or UV detection could be misinterpreted as a reduction in lignin
MW, when in reality, these species are present. This technique was
applied to the study of kraft lignin in various solvents [178].
SEC has been recently used for characterization of eucalyptus
lignin MW during various alkaline deligniﬁcation reactions [64], to
probe the effectiveness of organic bases for deligniﬁcation of
acidiﬁed and hardwood lignin [77], for the evaluation of H2SO4
and alkaline H2O2 extractions [81], for the characterization of
lignins for use in lignin-ﬁlm fabrication [129], for monitoring
acetylated Miscanthus x giganteus lignin before and after the
cleavage of β-O-4 linkages using thioacidolysis [135], and ﬁnally,
to compare MWL, CEL, and enzymatic MAL preparations isolated
from Douglas and White ﬁr, Eucalyptus, redwood, and pine [147].
4.2. Thermochemical methods
MALDI-ToF-MS has been employed for lignin MW determina-
tion (with mixed results) since the m/z of the ions produced is
directly proportional to the analyte molar mass [73,78]. Matrix
interference, however, can occur at the low mass region of the
spectrum. A MALDI MW measurement of herbaceous lignins only
detected a mass range between 100 and 600 Da, while high-
performance SEC revealed a molecular weight of 2000 or 2800 for
non-acetylated or acetylated lignin respectively [73]. The authors
hypothesized that laser-induced degradation of the lignin into
smaller fragments was possible. However, when alkaline-extracted
switchgrass lignin was measured, the HPSEC and MALDI measure-
ments exhibited good agreement, indicating the potential of this
technique for MW determination. MALDI-ToF-MS was also used to
evaluate the MW distribution of hard- and softwood kraft lignins
[78]. Each preparation produced similar mass spectral results, but
did not provide the higher MW distributions of lignin.
Another relatively new technique for gauging lignin molecular
weight is Fourier-transform ion cyclotron resonance mass spectro-
metry (FT–ICR–MS) [223]. This technique, however, led to sig-
niﬁcant differences in detected molecular mass compared to GPC.
Peaks with m/z larger than 2000 could not be detected, however,
the peaks that were measured revealed a correlation with each
other, as they were separated by identical amounts (44.026 m/z).
Sugarcane bagasse lignin, therefore, exhibited a more ordered, less
random structure.
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5. Total lignin content
Measuring the amount of lignin in biomass remains one of
the most crucial aspects of developing lignocellulosic biomass for
biofuels and bio-based chemicals. Knowing the amount of lignin in
plant cell walls facilitates partitioning interesting feedstocks
according to anticipated recalcitrance and aids researchers in
developing effective pretreatment strategies. However, the chal-
lenges researchers have encountered in comparing the lignin
content of samples with different lignin composition and the
ability to determine absolute levels of lignin have prompted the
proﬁciency to quantify only relative lignin concentrations. For
example, Klason lignin analysis quantiﬁes insoluble residues after
a dilute H2SO4 hydrolysis. Often, owing to the minute biomass
aliquot used, ash content cannot be directly measured, resulting in
a Klason lignin measurement that may also incorporate some ash.
Additionally, isolation methods, like the Klason analysis, are
known to chemically alter lignin. Some lignin becomes solubilized
during the acid hydrolysis. The conventional quantiﬁcation
method of acid soluble lignin is UV spectrophotometry. If the
biomass has not been sufﬁciently extracted, however, the extra-
neous extractive materials can obfuscate the analysis.
5.1. Wet chemistry
The most conventional wet chemical techniques employed to
gauge lignin content are the acetyl bromide [225–227], Klason or
acid-insoluble lignin (AIL) [228–234], and Van Soest methods
[227,235]. While these pervasive protocols have provided
researchers with tools for obtaining the magnitude of total lignin
in a plant, they also have a variety of shortcomings, such as the use
of caustic/toxic reagents (H2SO4, acetyl bromide) and time-
consuming preparations. DeMartini et al. addressed the low-
throughput nature of AIL quantitation by developing an automated
process that employed a liquid and powder dispensing robot
equipped with an analytical balance for weighing individual vials
before and after heating in a reactor block [233]. This downscaled
protocol did not allow for ash determination, therefore, the acid-
insoluble residue was a combination of lignin and ash.
These techniques can produce widely different results due to
the mechanism of each method [225]. For instance, portions of the
lignin may become solubilized during the reaction, causing the
measurement to reveal less total lignin, such as in the acid-
detergent lignin analysis [225,236]. During oxidative reactions,
other biomass constituents may be targeted by the reagents,
embellishing the total lignin measurements [237]. One of the
key concerns with the Klason analysis is whether or not the
carbohydrates have been completely hydrolyzed [228]. Addition-
ally, hydrolysis products from acidic carbohydrate degradation,
such as furfural and hydroxymethylfurfural, can condense with
lignin producing erroneously high lignin values in AIL measure-
ments, and the presence of these molecules, by themselves, can
interfere with acid-soluble lignin evaluation at 280 nm. Switching
to 205 nm has been used to correct this interference. Any UV
spectrophotometric method must address the question of what
value to employ for the lignin extinction coefﬁcient [228].
5.2. Thermochemical methods
5.2.1. Pyrolysis
Thermochemical techniques have occasionally been utilized for
the measurement of total lignin content [66,238–240]. Alves and
co-authors utilized analytical pyrolysis and GC-FID to measure the
lignin content of a variety of hard- and softwoods [66,238,239].
The authors ﬁrst investigated how their technique compared to
the standard Klason analysis [239]. The precision of the pyrolytic
method (0.43% for pine, 0.34% for spruce) was close to that of the
reference technique (0.34%). A correlation coefﬁcient (r) of 0.95
was measured. This technique was then extended to larch species
and compression wood [238]. A calibration equation was produced
that encompassed the previously measured softwoods with the
hardwood and compression wood with a R2 of 0.95. Finally, PCA
was employed to classify softwoods according to species- and
tissue-speciﬁc variance [66]. The authors concluded that vanillin,
isoeugenol, dihydroconiferyl alcohol, and G-C¼C¼C structures
that separate spruce and larch from pine. E. globulus total lignin
content was measured using pyGC-FID [240]. This study measured
a strong linear correlation (R2¼0.979) between wet chemistry
total lignin and pyGC-FID, regardless of the pulping conditions.
Pyrolysis molecular beammass spectrometry (pyMBMS) has been
advanced by the National Renewable Energy Laboratory as a high-
throughput analytical tool capable of lignin quantitation [241–243].
Application of a correction factor calculated by measuring the Klason
lignin value for a standard biomass sample (i.e., National Institute of
Standards and Technology sample 8492, Populus deltoids) resulted in
a strong linear correlation [242]. pyMBMS spectra were coupled with
Klason lignin values to generate PLS predictive models incorporating
a diverse selection of feedstocks, such as agave, coconut coir, cotton,
ﬂax, hemp, and kenaf bast, to name a few [241]. In all, 41 plant
samples were used in the calibration and subsequent cross-vali-
dation with a validation r of 0.77. Within tree variability of lignin
content between seven different poplar trees was measured using
pyMBMS [243]. The authors concluded that there was greater ring to
ring variance in total lignin content, than when sampling a tree from
different heights.
5.2.2. Thermogravimetric analysis
Another high-throughput, thermochemical technique used
more frequently for lignin analysis is TGA [244–247]. Mixtures of
cellulose and lignin were successfully quantiﬁed to within 7–18%
of the measured value using a mathematical treatment of pyrolytic
unit thermographs [247]. Two models were developed to predict
the relative amounts of cellulose and lignin by using linear
correlation between cellulose and lignin content and peak decom-
position rate, or a system of linear equations. The future objective
of this work is to move from cellulose and lignin standards to
whole biomass samples. A mathematical treatment was applied to
the TGA data of eight different corn stover samples [245]. A
multiple linear regression equation, using biomass degradation
temperatures as well as the cellulose, hemicellulose, and lignin
contents measured by standard wet chemical analysis, enabled
lignin to be predicted within 0.74% of the reference results.
Serapiglia et al. achieved the high-throughput measurement of
total lignin content in 95 shrub willow clones [246]. The TGA
results were statistically analyzed using multivariate analysis. The
authors note that further reﬁnements in the method may decrease
the error in the measurements, as well as the analysis time of
90 min/sample and 16 samples/day. TGA has not produced highly
correlated results in all attempts to predict total lignin content,
however [244]. In this example, the lack of correlation between
the TGA predictions and the reference method was hypothesized
to stem from the use of the Klason lignin analysis, which is not
representative of all lignin present.
5.3. Vibrational spectroscopy
5.3.1. Raman spectroscopy
Raman spectroscopy has not been routinely employed for lignin
content analysis, perhaps due to signiﬁcant spectral interference by
intrinsic sample ﬂuorescence, even at NIR excitation wavelengths
[96]. Although the Raman analysis of individual lignin monomers
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reveal slight variation in the location and intensity of the main
vibrational modes near 1600 cm1 [95,96], Agarwal and co-authors
found this band to linearly correlate with kappa number [248,249].
Evaluation of peak heights or areas resulted in R2 values of 0.95 and
0.93, respectively. A follow-up study explored three lignin modiﬁca-
tion techniques (alkaline H2O2, diimide, sodium borohydride treat-
ments) for reducing other factors, besides concentration, that can
contribute to band intensity [248].
Ona et al. have also explored the use of FT-Raman spectroscopy
coupled with PLS to predict lignin content in Eucalyptus species
[250,251]. Using six principal components (PCs), the authors were
able to generate a predictive model with a r of 0.792 and standard
error of prediction (SEP)¼1.85 using 2nd derivative Raman spectra
[250]. A follow-up study using 1st derivative spectral data resulted
in a more robust model for lignin content analysis, requiring only
four PCs with a r¼0.903, SEP¼1.3 [251].
UVRR spectroscopy has enabled lignin analysis due to the electro-
nic absorption in this wavelength region [226]. Due to the intensity
associated with this transition, UVRR spectroscopy can selectively
enhance the spectral features of lignin, while reducing spectral
contributions from cellulose. A rapid, quantitative method for deter-
mining lignin in bleached hardwood kraft pulps was generated by
Jääskeläinen and co-authors [107]. Following the standard addition of
known concentrations of a hardwood kraft lignin solution, lignin
contents from 0.5% to 5.0% were accurately measured using the peak
height of the 1604.5 cm1 vibrational mode. Use of 244 or 257 nm
excitation did not alter linear correlation (R2¼0.987).
5.3.2. Mid-infrared spectroscopy
MIR spectroscopy has also been used to gauge total lignin content
[252–255]. Diffuse reﬂectance MIR Fourier transform (DRIFT) spec-
troscopy coupled with PLS modeling enabled the evaluation of lignin
content in 491 Sitka spruce from 50 different clones, 24 tropical
hardwoods, and 20 softwoods [254]. Individual and ranges of
wavenumbers were evaluated to gauge which strengthened model
performance. The authors note that reducing the number of wave-
lengths did not have a signiﬁcant effect on model performance;
however, the number of factors was reduced from three to two when
fewer wavelengths were used. The calibration R2 was 0.78 when all
wood samples were in the model, and the root mean standard error
of prediction (RMSEP) was 1.6.
Kraft pulps from Pinus radiata were evaluated using photoacoustic
rapid scan FT-MIR (PA-FTMIR) spectroscopy and PLS [253]. PA-FTMIR
requires little to no sample preparation, signiﬁcantly increasing
analysis throughput, is not morphologically sensitive, and probes
larger sample quantities. Comparisons between actual and predicted
kappa number showed good correlation (R2¼0.96). Allison et al. used
FT-MIR and PLS to predict lignin content in Dactylis (orchard grass),
Festuca, Lolium (ryegrass), reed canary grass, and switchgrass [252].
Application of a 1st derivative spectral transformation was found to
provide the best compromise between reducing the number of latent
variables (LVs) used to explain the variance in the model, and
reductions in RMSEP. For example, three LVs successfully explained
the variance in the 1st derivative model with RMSEP values of 0.33,
while 10 LVs were required to yield a similar RMSEP (0.32) after a 2nd
derivative transformation. Lignin content in triticale and wheat straw
was predicted using FT-MIR and PLS [255]. Models encompassing both
plants resulted in intermediate RMSEP and R2 values, compared to
using each feedstock by itself (RMSEP¼0.27-both plants, 0.305-
triticale, 0.163-wheat straw, R2¼0.952-both plants, 0.935-triticale,
and 0.985-wheat straw).
5.3.3. Near-infrared spectroscopy
NIR spectroscopy, coupled with multivariate analysis, has been the
predominant vibrational technique for assessing total lignin content
[93,178,241,256–279]. A list of predominant lignin vibrational mode
assignments can be found in Table 7. The studies combine NIR spectra
with a reference technique, such as Klason lignin analysis, to produce
multivariate analysis models capable of predicting the total lignin
content. The reference technique is performed on a subset of samples,
ideally covering the complete range of expected results. The use of
robust, thoroughly evaluated multivariate models alleviates the need to
perform labor-intensive reference techniques for all samples, signiﬁ-
cantly increasing the throughput while decreasing experimental and
analytical time and expense. Wolfrum and Sluiter illustrated the use of
NIR spectroscopy coupled with untreated and dilute-acid, pretreated,
corn stover Klason lignin results [271]. The authors provided a
thorough analysis of how different mathematical pretreatments and
calibration algorithms affected predictive models. PLS-1 was found to
result in the lowest RMSEP (1.49) and highest R2 (0.85) compared to a
four-constituent (RMSEP¼1.81, R2¼0.75) or 13-constituent PLS-2
(RMSEP¼1.92, R2¼0.75) for lignin content predictions.
Table 7
Near-infrared vibrational mode band and speculative band assignments.
Vibrational mode Assignment
4014 CH and CC stretch [38]
4195 Not yet assigned, but conﬁrmed w/MWL [351]
4280 CH stretch [38]
4411 OH stretch [38]
4546 CH and C˭O stretch [352]
4686 CH and C˭C stretch [351]
5522 Not yet assigned, but conﬁrmed w/MWL [38]
5583 1st overtone CH stretch [38]
5795 1st overtone CH stretch [38]
5890 1st overtone CH stretch [38]
5935 1st overtone aromatic CH stretch [335,351,352]
5963 1st overtone aromatic CH stretch [38,352]
5974 1st overtone aromatic CH stretch [352]
5978 1st overtone aromatic CH stretch [38,352]
5980 1st overtone aromatic CH stretch [352]
6874 1st overtone OH stretch [38]
6913 1st overtone OH stretch [181]
6944 1st overtone CH and CH deformation [335]
7057 1st overtone CH and CH bend [335,352]
7092 1st overtone OH stretch [335]
8547 2nd overtone asymmetric CH stretch, HC˭CH [352]
8749 2nd overtone aromatic CH stretch; 2nd overtone CH stretch of CH3 [353]
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NIR spectroscopy and pyMBMS were coupled with wet chemical
data to produce PLS models for assessing total lignin content in a
variety of agricultural feedstocks including coconut coir, cotton, hemp,
kenaf bast, and sugarcane, to name a few [241]. pyMBMS models
resulted in a lower RMSEP (5.50) and higher validation correlation
coefﬁcient (0.77) than those produced using NIR spectroscopy
(RMSEP¼6.10, r¼0.71). Extractives in sugarcane bagasse were found
to adversely affect calibrations using extractive-free NIR spectral data
[258]. Application of a direct orthogonal signal correction alleviated the
need to physical extract these materials prior to analysis. Following this
mathematical treatment, independent validation resulted in a RMSEP
of 0.879 and a R2 of 0.93, and a reduction in the number of latent
variables (LVs).
Other applications of NIR spectroscopy coupled with multi-
variate analysis for determining total lignin content extend to
Acacia [259,273], aspen [276], E. globulus [264], larch [259], poplar
[259], and southern [261] and Turkish pine [270], to name a few.
5.4. Electronic spectroscopy
Fluorescence spectroscopy coupled with PLS was used to predict
lignin contents in yellow poplar [277] and northern red oak [278].
Using a wavelength region of 295–872 cm1, the authors developed
an eight PC calibration model with a validation R2 of 0.62, and a
RMSEP of 0.0889 for the total lignin content of poplar. The results
using northern red oak were more accurate (seven PCs, R2val¼0.88,
RMSEP¼0.0436). Comparisons with models generated using NIR
spectra revealed the latter to be more robust for analyzing poplar
lignin (four PCs, R2¼0.66, RMSEP¼0.0885), while the metrics
produced from the oak analysis using NIR spectra were less accurate,
although the models also required fewer PCs to explain the data (ﬁve
PCs, R2val¼0.70, RMSEP¼0.0531).
UV/vis spectrophotometry has been routinely employed for lignin
analysis, as it remains a standard analytical tool for measuring acid-
soluble lignin and acetyl bromide lignin [108,125,142,225,232,
Table 8
Pyrolysis fragments for lignin and lignin monomer quantitation.
Molecule m/z Monomer assignment
Phenol 94/66/65 H [59,299]
2-Methylphenol 108/107/79 H [59,299]
4-Methylphenol 107/108 H [59,299]
Guaiacol 124/109/81 G [59,298,299]
Dimethylphenol 107/122/121 H [59,299]
4-Ethylphenol 107/122/77 H [299]
4-Methylguaiacol 138/123/95 G [59,298,299]
4-Allylphenol 134 H [59]
4-Vinylphenol 120/91/119 H [59,299]
3-Methylcatechol 124 G [354]
3-Methoxycatechol 140/125/97 MWL [298,301,354]
4-Ethylguaiacol 137/152 G [59,298,299]
4-Vinylguaiacol 150/135/77/107 G [59,298,299]
4-allylphenol 134/133 H [299]
Syringol 154/139/96 S [59,298,299]
cis-4-propenylphenol 134 H [59,354]
4-Propylguaiacol 137/166/122 G [299]
Eugenol 164/77/149 G [59,298,299]
4-Hydroxybenzaldehyde 121/122/93 H [299]
4-trans-propenylphenol 134 H [59,354]
Vanillin 151/152/81 G [59,298,299]
cis-Isoeugenol 164/149/131 G [59,298,299]
4-Methylsyringol 168/153/125 S [59,298,299]
trans-Isoeugenol 164/149/131 G [59,298,299]
Homovanillin 137/166/122 G [298,299]
Guaiacol derivative (G-C3H3), 4-propenylguaiacol 162/147 G [59,298,299]
Guaiacol derivative (G-C3H3), 4-allenylguaiacol 162/147 G [59,298,299]
trans-p-coumaryl alcohol 150 H [354]
Acetoguaiacone 151/166/123 G [59,298,299]
propioguaiacone 151/178 G [239]
4-Ethylsyringol 167/182/107 S [59,298,299]
Guaiacyl acetone 137/180/122 G [59,298,299]
4-Vinylsyringol 180/165/137 S [59,298,299]
4-Allyl-syringol 194/91/119 S [59,298,299]
4-allylsyringol 196/167/123 S [298]
4-Propylsyringol 167/196 S [59,298,299]
Propenylsyringol 194/91/119 S [59,299]
cis-4-Propenylsyringol 194/91/119 S [59,298,299]
Syringaldehyde 182/181/167 S [59,298,299]
Syringol derivative (S-C3H3). 4-propenylsyringol 192/131/177 S [59,298,299]
Syringol derivative (S-C3H3), 4-allenylsyringol 192/131/177 S [59,299]
trans-p-coumaraldehyde 148 H [354]
trans-4-Propenylsyringol 194/91/119/179 S [59,298,299]
Homosyringaldehyde 167/196/123 S [298,299]
Acetosyringone 181/196/178/153 S [59,298,299]
Coniferyl alcohol 137/91/180 G [299]
trans-coniferaldehyde 178 G [59]
Syringyl acetone 167/210 S [59,298,299]
Propiosyringone 181/182/210 S [59,298,299]
4-propanalsyringol 210/182/167 S [298]
Trans-sinapaldehyde 208 S [59,298]
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280–285]. In order to measure lignin spectrophotometrically using
Beer's Law, an accurate extinction coefﬁcient is required. A lack of
homogeneity in diverse lignin preparations perturbs standardizing
UV/vis measurements. Fukushima and Kerley investigated the use of
extracted lignins from hard- and softwoods, and herbaceous plants
as standards in acetyl bromide lignin detection [282]. Standard
calibration curves were generated, and using the slopes and inter-
cepts, a global mean extinction coefﬁcient was calculated that could
be used regardless of botanical origin. This technique alleviates the
need to extract and isolate lignin from biomass.
UV/vis spectrophotometry enabled the quantiﬁcation of lignin
in whole biomass after dissolution in an IL [125]. Absorbance
measurements were recorded at 440 nm for a variety of hard- and
softwoods. A similar process was carried out using a variety of UV
wavelengths to quantify dissolved lignin after a single-shot steam
process [283]. Lastly, UV/vis photoacoustic (PA) spectroscopy enabled
lignin quantiﬁcation in synthetic mixtures of xylan and cellulose
[286]. While the PA spectra contain no discernible peaks, the
amplitude of the signal intensiﬁed as the lignin concentration
increased.
5.5. Nuclear magnetic resonance
Another powerful technique utilized in measuring total lignin
content is NMR [80,140,146,152,169,287,288]. 13C CP/MAS NMR
was used to quantitate loblolly pine lignin residues following an
acid hydrolysis [288]. The analysis time was reduced to three
hours using this technique, as opposed to over 24 h using standard
wet chemical analyses. The quantitative results were contrasted
for 13 different biomass treatments, and were found to be in good
agreement with standard TAPPI methods. In another study inves-
tigating rapid NMR analysis, isolated poplar and switchgrass
lignins, dissolved in a perdeuterated pyridinium IL, [Hpyr]Cl-d6/
[D6]-DMSO, were quantiﬁed with 1H–NMR using the ratio of
integration of peaks between 6.0–8.0 ppm and the DMSO standard
[287]. Ball and Wiley milled biomass were used, and the results
were compared with Klason lignin results. Overestimation of corn
stover lignin content using 13C CP/MAS NMR resulted from a
H2SO4 hydrolysis [152]. The interfering analytes were found to
be extractives, including carbohydrates like fructose, which poly-
merized forming solids, during pretreatment.
5.6. Color image analysis
Lastly, color image analysis was used to quantify the ligniﬁca-
tion of maize tissue [289]. This method provides a rough approx-
imation of the total ligniﬁcation in a plant tissue by using Safranin
and Alcian blue staining. Ligniﬁed tissues are stained red, while
non-ligniﬁed tissues are stained blue. A more rigorous calculation
can be achieved by the computation of intensity proﬁles that
monitor the ratio of red to blue stained regions as a function of
distance from the epidermis.
6. Lignin monomer composition
The measurement of S, G, and H lignin monomers enables
classiﬁcation of plants as gymnosperm (G-lignin), angiosperm (S-G
lignin), or herbaceous (S-G-H lignin), with some exceptions, such
as eucalypts, which are classiﬁed as angiosperms, but are known
to contain H lignin [1,154,290]. S/G lignin ratios have proven to be
important parameters for gauging the recalcitrance of lignin,
although no clear trend has been established as to whether or
not a high S content results in increased monomeric sugar release
following an enzymatic hydrolysis. The traditional methods for
measuring lignin monomer composition include NMR, pyGCMS,
pyMBMS, and various wet chemical methods such as nitrobenzene
oxidation (NBO) and thioacidolysis [4,5,13,56,58,59,61–66,68,70,
126,135,157,159,183,240,242,291–307]. Common pyrolysis and
mass spectral fragments are listed in Table 8, and illustrated in
Fig. 3. Table 9 lists the S, G, H percentages and S/G ratios for a
diverse selection of biomass feedstocks.
6.1. Wet chemistry
The conventional wet chemical techniques used for quantifying
lignin monomers are acidolysis, cupric oxide, NBO, permanganate
oxidation and thioacidolysis [22,292,294,296,297,302,304,307].
While there have not been abundant recent advances in wet
chemical techniques for lignin monomer analysis, except for the
scaling down of the standard thioacidolysis protocol to achieve
higher throughput and diminutions in reagent consumption
[304,307], the prevalence of these techniques in the literature
warrants their discussion. Lapierre provided a thorough review on
the applicability, beneﬁts, and pitfalls of these methods [22].
Although well-studied, these techniques have drawbacks. For
example, NBO targets C6C3 bonds, and converts them to C6C1
monomers and dimers. The reaction products are then acidiﬁed,
and following the extraction of the analytes, the speciﬁc mono-
mers are quantiﬁed with LC or GC. NBO tends to yield higher S/G
ratios that what is actually present due to the fact that S lignin is
not as interlaced in inter-unit bonds as G lignin. Additionally, NBO
suffers from a lack of speciﬁcity. If other, non-lignin phenolics are
present in the plant cell wall that can undergo the same transfor-
mation during the NBO reaction, the data can be obscured.
Thioacidolysis speciﬁcally cleaves β-O-4 bonds into C6C3 spe-
cies. Depending on the degree to which these bonds are prevalent
in a speciﬁc classiﬁcation of biomass, monomeric yields can be
vastly different. Hardwoods, for instance, have a higher abundance
of S lignin than softwoods, and therefore, reveal a higher propor-
tion of β-O-4 linkages. The monomeric products, quantiﬁed by
GCMS, require derivitization to promote volatility, making this
procedure another labor-intensive protocol.
In summary, the wet chemical techniques are labor-intensive,
require the usage of toxic reagents such as nitrobenzene or boron
triﬂuoride etherate, and are bond-speciﬁc, and therefore, may not
provide a “true” measurement of lignin monomers. These techni-
ques are, however, quite prevalent in the literature, given the
knowledge of what they can do and what limitations they have.
Lapierre addressed the need for higher-throughput methods [22],
and many researchers have begun to pair wet chemical techniques
with other instrumental tools, such as spectroscopy.
6.2. Thermochemical methods
6.2.1. Pyrolysis
Thermochemical evaluations of lignin monomers have become
increasing prevalent [4,5,13,59,61–66,68,70,126,157,159,183,240,242,
293,295,298–301,303,305,306,308]. When heated, lignin linkages are
cleaved, permitting the identiﬁcation of individual monomeric moieties.
Sykes et al. addressed the potential overestimation of S/G ratios,
resultant from a possible preferential liberation of S lignin moieties,
since previous experimental data showed sinapyl alcohol to be released
from lignin during the primary stages of the pyrolytic degradation
[243,309]. Pyrolysis GC-FID or pyGCMS, previously outlined by Meier
and Faix [300], has provided a robust alternative to wet chemical
degradations for the analysis of lignin monomers, and speciﬁcally for
the measurement of lignin S/G ratios [13,59,61–66,126,156,157,159,183,
240,293,295,298,299,301,303,305]. Del Rio and co-authors have ana-
lyzed a diverse variety of non-woody plant materials using pyGCMS,
including kenaf, jute, sisal, abaca, hemp, ﬂax, and wheat straw
[59,65,293]. Using the GC retention times, coupled with the mass
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 Fig. 3. Common fragments of lignin measured after pyrolysis.
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spectra, the identiﬁcation of phenylpropanoid structures representative
of S, G, and H lignin is possible. Hemp, ﬂax, and wheat straw were
measured to be predominantly G lignin, while kenaf, jute, sisal, and
abaca were comprised of mostly S lignin. One of the paramount
necessities in using pyGC-FID or pyGCMS is standardization in data
analysis, speciﬁcally, identifying which peaks should be utilized in S/G/
H calculations. Del Rio et al. have deduced that 4-vinylphenol and 4-
vinylguaiacol should be left out of lignin monomer calculations for
herbaceous feedstocks, since a proportion of these molecules arise from
p-hydroxycinnamates, and are not part of the core lignin structure [59].
Using these species in monomer evaluations will result in erroneously
high G and H lignin.
pyGCMS has also been employed to study of variety of eucalypts
including E. globulus, E. nitens, E. maidenii, E. grandis, and E. dunnii
[63,156,157,301,303,305]. The lignin S/G ratios of the eucalypts ranged
from 2.7 (E. grandis) to 4.1 (E. globulus) [303]. Analysis of young and
adult trees revealed that G and H lignin units are deposited during the
early stages of development while S lignin forms later in the
ligniﬁcation of the plant [156]. The S/G/H ratio of one month old E.
globulus was 52.1/38.5/9.4 while at nine years of age, the ratio had
transformed to 77.6/20.4/1.9. A follow-up study of the milled-wood
lignins of these feedstocks compared pyGCMS, 2D-NMR, and thioaci-
dolysis evaluations of S/G ratios [157]. The thioacidolysis and pyGCMS
results were quite similar, signifying the suitability of the latter tech-
nique to supplant wet chemical degradation techniques. Environmen-
tal variability, such as geographical location, has been shown to
signiﬁcantly affect S and G lignin content in E. globulus [305]. The S/
G ratios of wild-type E. grandis and hybridized E. grandis x E. urophylla
were determined using NBO and pyGCMS [301]. There was no
statistical variance between the methods again conveying the power
of this technique to replace wet chemical analyses. pyGCMS also
enabled the quantitation of the S/G ratio for a variety of Eucalyptus
hybrids [63]. The authors used PCA to attempt to classify the different
hybrids based upon lignin structure. Importantly, this study concluded
that all S and G lignin decomposition products should be used in S/G
ratio calculations, and not simply speciﬁc selected products, since
analysis of the PCA loadings plot revealed a positive correlation
between G and S phenolic compounds possessing similar side chains.
Lastly, pyGC-FID data and PCA were used to partition larch, pine, and
spruce into distinct groups [66]. Differences in vanillin, isoeugenol,
dihydroconiferyl alcohol, and G–C˭C˭C structures enabled the segrega-
tion of larch and spruce from pine. Normal and reaction wood and
site-speciﬁc variance were also studied using PCA.
pyMBMS has been developed as a high-throughput analytical
tool for gauging lignin monomer content [4,5,242,243]. The instru-
ment is capable of measuring 42 samples per hour, resulting in the
ability to screen large arrays of feedstocks for biofuel traits such as
S/G ratios. Lignin peaks were identiﬁed with m/z ¼120, 124, 137,
138, 150, 152, 154, 164, 167, 178, 180, 181, 182, 194, 210 with
representative S peaks at m/z¼154, 167, 168, 182, 194, 208, 210
and G peaks atm/z¼124, 137, 138, 150, 164, and 178. As of 2009, this
instrument had been employed for the analysis of over 1500
biomass samples including eucalypts, maize, and poplar species.
In contrast to many studies, Davison and co-authors used pyMBMS
to show that a decrease in the S/G ratio of poplar variants led to
improvements in the rate of hydrolysis using dilute H2SO4 [5]. The
authors hypothesized that the acid may cleave G units more readily,
a theory witnessed in forage maize digestibility research, where less
S lignin was shown to provide enhanced digestibility [310]. These
studies hypothesize that S lignin is more prevalent in younger,
less ligniﬁed biomass, a ﬁnding in parallel to the aforementioned
analysis of young and mature eucalyptus trees [156].
6.2.2. Mass spectrometry
Recently, MALDI imaging MS was employed to evaluate E.
globulus and E. grandis [68]. Using this technique, 22 of 24 known
soluble lignin monomer compounds were detected and located in
the plant cell walls, and the S/G ratios were calculated. The authors
Fig. 3. (continued)
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Table 9
Lignin S/G/H composition and S/G ratios of various potential biofuel feedstocks.
Feedstock S G H S/G References
Abaca 55 19 26 2.9 [65]
Acacia 48 49 3 1.0 [155,314]
1.2 [161]
Acacia microbotrya – – – 1.3 [317]
A. saligna – – – 1.7 [317]
Agave 76 22 2 3.4 [65]
– – – 3.6 [158]
Alfalfa 30 70 n.d. 0.4 [95]
Arabodopsis – – – 0.3 [316]
Aspen – – – 1.5 [130]
Banana Leaf sheath 63 25 12 2.5 [128]
Big Bluestem – – – 1.1 [54]
Birch 69 29 2 2.4 [314]
– – – 3.1 [161]
– – – 1.3 [58]
Black Locust – – – 0.9 [130]
Bromegrass – – – 3.4 [54]
Cherry – – – 1.5 [58]
Coconut Coir 25 68 7 0.3 [159]
Corymbia citriodora subsp. Citriodora – – – 2.4 [317]
C. citriodora variegata – – – 2.3 [317]
Corymbia hybrids – – – 2.3 [317]
C. torelliana – – – 2.1 [317]
C. citriodora subsp.variegata – – – 2.6 [317]
Cottonwood – – – 1.4 [161]
Curaua 41 29 30 1.4 [308]
Douglas ﬁr cork 1 97 2 0.0 [126]
Eucalyptus argophloia – – – 2.1 [317]
E. cladocalyx – – – 2.5 [317]
E. cloeziana – – – 1.9 [317]
E. crebra – – – 1.6 [317]
E. dunnii – – – 2.3–2.7 [157]
– – – 2.5 [317]
E. globulus 84 14 1 6.0 [314]
– – – 2.7, 2.8 [158,161]
– – – 2.5–2.9 [157]
– – – 2.6 [317]
E. globulus Heartwood 76 22 2 3.4 [240]
E. globulus Sapwood 76 21 3 3.6 [240]
E. globulus, 1 month old 52 38 9 1.4 [156]
E. globulus, 18 months old 77 21 2 3.7 [156]
E. globulus, 9 years old 78 20 2 3.9 [156]
E. globulus, 0 h milling – – – 4.1 [186]
E. globulus, 3 h milling – – – 4.2 [186]
E. globulus, 12 h milling – – – 4.3 [186]
E. globulus, 24 h milling – – – 4.9 [186]
E. grandis 69 27 4 2.5 [314]
– – – 1.6–1.9 [157]
– – – 2.0 [317]
E. kochii – – – 2.2 [317]
E. longirostrata – – – 2.2 [317]
E. loxophleba – – – 2.4 [317]
E. maidenii – – – 1.8–2.4 [157]
E. moluccana – – – 2.2 [317]
E. nitens – – – 2.6 [161]
– – – 2.1–2.7 [157]
E. occidentalis – – – 2.4 [317]
E. polybractea – – – 2.3 [317]
E. urograndis 66 30 4 2.2 [314]
– – – 1.8 [161]
Elephant grass – – – 1.2 [145]
Fescue 42 55 3 0.8 [355]
– – – 0.8 [54]
Flax 29 67 4 0.4 [65]
Hemp 40 51 9 0.8 [65]
Jute 62 36 2 1.7 [65]
Kenaf–Bast 89 11 n.d 8.1 [95]
79 19 2 4.1 [324]
Kenaf–Core 24 76 n.d 3.2 [95]
58 41 1 1.4 [324]
Little Bluestem – – – 1.7 [54]
Loblolly pine 0 87 13 0 [147]
Maize – – – 0.5 [316]
– – – 0.5 [130]
– – – 1.4 [54]
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used silica rather than routine desorption/ionization matrices, as
silica has been previously proposed in mapping small analytes in
biological tissues, and can reduce background noise in the mea-
surement of low-mass species. Other recent developments in
thermo-chemical analyses include a ToF-SIMS analysis of a mixed
hardwood pulp containing birch, aspen, beech, and spruce [70],
and the study of pine pyrolysis products using synchrotron
vacuum ultraviolet photoionization mass spectrometry [306].
6.3. Chromatography
Chromatographic methods for lignin monomer analysis are typi-
cally used in conjunction with a wet chemical method such as DFRC,
NBO or thioacidolysis. Headspace solid-phase microextraction and GC
were used to evaluate six phenolic model compounds (acetophenone,
acetosyringone, p-coumaric acid, guaiacol, 4-hydroxy-3-methoxyphe-
nylacetone, and vanillin) found in the supernatant of liquid hot water
pretreated biomass [56]. Once this stage was successfully optimized,
the novel high-throughput method was applied to wheat straw. The
effects of various storage conditions on the different phenolic com-
pounds were also appraised. The authors conclude that freezing the
sample may be the most ideal treatment, as variation in temperature
led to the most signiﬁcant alterations in concentration. Lastly, ultr-
ahigh performance LC-tandem MS was used to assess sugarcane
soluble lignin [311]. The authors developed an extensive mass spectral
database containing 25 enzymatically synthesized monomers, dimers,
and oligomers. Products resulting from an ethyl acetate extraction of
sugarcane lignin were evaluated using this library.
6.4. Vibrational spectroscopy
6.4.1. Raman spectroscopy
Vibrational spectroscopy can be employed to measure lignin
S/G ratios directly and indirectly by using multivariate analysis
[65,95,96,111,112,124,130,134,163,304,312–317]. Sun et al. gener-
ated a rapid method for measuring S/G ratios in diverse feedstocks
including Eucalyptus and Arabidopsis using FT-Raman spectro-
scopy. Vibrational modes corresponding to S and G lignin were
established from model compounds, and then used in deconvolu-
ting Raman spectra. A calibration equation comparing Raman and
pyGCMS S/G ratios provided good correlation (R2¼0.983). The
authors note that cellulose contributions were problematic in the
spectral regions used for S and G lignin quantitation which could
have led to the higher ratios calculated from the Raman spectra. Ona
et al. have also surveyed the use of FT-Raman spectroscopy for the
quantitation of the S/G ratio in Eucalyptus using 2nd derivative
Raman spectra coupled with thioacidolysis results to construct a
PLS regression model with a prediction R2 of 0.935 [315]. A recent
study evaluated the potential of high-throughput FT-Raman spectro-
scopy (compared with MIR and NIR spectroscopies), coupled with
pyMBMS, for the development of multivariate, predictive models
capable of screening hundreds of Acacia and eucalypt plants based on
lignin S/G ratios [317]. Various spectral processing techniques were
assessed, including 1st and 2nd derivative transformations, standard
normal variate, multiplicative and extended multiplicative scatter
correction, to gauge which methodology led to the most robust PLS
models. The authors constructed three independent, randomly-
generated calibration and validation matrices for the evaluation of
Table 9 (continued )
Feedstock S G H S/G References
Maple – – – 1.3 [161]
– – – 1.2 [58]
Miscanthus giganteus 39 61 n.d. 0.6 [95]
– – – 0.5, 0.6 [196]
– – – 0.7 [135]
Newsprint – – – 0.0 [130]
Oat – – – 1.6 [54]
Orchard grass 31 68 n.d. 0.4 [95]
– – – 1.3 [54]
Pampas grass 43 57 n.d. 0.75 [95]
Pine 1 99 n.d 0.0, 0.0 [95,316]
Poplar 83 17 n.d 4.9 [95]
Poplar 68 31 0 2.2 [304]
Red alder – – – 1.4 [161]
– – – 1.3 [58]
Red oak 72 28 n.d 2.6 [95]
– – – 1.4 [58]
– – – 2.6, 2.9 [130]
– – – 2.1 [161]
Reed canarygrass – – – 2.0 [54]
Rice straw – – – 0.6 [163]
Rice husk – – – 0.6 [163]
Sorghum – – – 0.3 [316]
– – – 2.5 [54]
Spruce – – – 0.0 [158]
Sugarcane bagasse – – – 1.4 [167]
– – – 1.1 [130]
Sweet gum – – – 1.6 [161]
Switchgrass 17 83 n.d 0.2 [95]
– – – 0.3 [316]
– – – 0.4 [130]
– – – 1.2 [54]
Tulip poplar – – – 4.2, 5.2 [130]
Wheat straw 26 41 2 0.6 [166]
– – – 0.5 [59]
– – – 1.2 [54]
– – – 1.3 [137]
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each type of spectral processing. RMSEPs were comparable between
the Raman (0.13–0.16) and MIR models, but led to more accurate
predictions when contrasted with NIR models (RMSEP¼0.18–0.21).
The spectral regions identiﬁed using the regression coefﬁcients were
assigned to respective lignin S, G, or H vibrational modes.
NIR, dispersive Raman spectroscopy innovations have illumi-
nated ideal features for biomass analysis. A home-built, NIR,
dispersive, multichannel, Raman spectrometer enabled an inves-
tigation of a variety of feedstocks with emphasis on herbaceous
plants such as switchgrass and Miscanthus [95]. The 1600 cm1
wavenumber region was identiﬁed as being free from polysac-
charide contributions, therefore, the authors concluded, analyses
focusing on lignin monomer content should concentrate on this
spectral region. Raman spectra were conjoined with S and G lignin
content measured by thioacidolysis/GCMS. A principal component
regression model allowed for the rapid, accurate prediction of S
and G lignin for most feedstocks (R2¼0.985–0.986).
UVRR spectroscopy was used to determine vibrational modes
characteristic of S, G, and H lignin model compounds through
employment of 229, 244, and 257 nm excitation [112]. The intensity
of H structures was highest when excited with a 244 nmwavelength,
and revealed features at 1167–1179 and 1214–1217 cm1. G com-
pounds resulted in highest intensity when 257 nm excitation was
used, with peaks at 704–791, 1155–1158, 1185–1187, and 1279–
1289 cm1, while spectra of S model structures excited with 244
or 257 nm laser wavelengths revealed comparable intensities at 962–
981, 1330–1333, and 1506–1514 cm1. Polysaccharide modes, which
would overlay many of these spectral regions using visible or NIR
excitation, were trivial, allowing application of these spectral regions
to whole wood samples. Key vibrational modes for various lignin
model compounds, including condensed, conjugated, and stilbene
model compounds were elucidated using PLS modeling [111].
6.4.2. Mid-infrared spectroscopy
MIR spectroscopy was employed to measure the S lignin ratio
(S/SþG) of 17 softwoods and 48 hardwoods [124]. Peak area ratios
including 1595/1509, 1509/1460, 1275/1220, 1130/1032, and 835/
(855þ815) cm1 were calculated, and after plotting on a loga-
rithmic scale, the 1595/1509 and 1275/1220 cm1 ratios were
found to have the highest correlation coefﬁcients (r¼0.98) when
compared to NBO results. The ratio of the 1325 and 1268 vibra-
tional modes in the MIR spectra of 32 Organosolv-fractionated
lignins was used to quantify the S/G ratio [130]. A comparison with
another standard technique was not made. High-throughput MIR
spectroscopy and pyMBMS were also employed in the develop-
ment of PLS predictive models for the screening of Acacia and
eucalypt plants based on lignin S/G ratios [317]. This instrument
was compared with high-throughput Raman and NIR instruments,
and was found to provide analogous RMSEPs as the Raman pre-
dictive models (MIR¼0.13–0.15, Raman¼0.13–0.16), but slig-
htly higher accuracy than those constructed from NIR spectral
data (RMSEP¼0.18–0.21).
6.4.3. Near-infrared spectroscopy
NIR spectroscopy and analytical pyrolysis were employed to
measure the H/G ratio of 68 maritime pine samples [312]. A
validation set of 34 spectra, used to test the 34 sample calibration
model, revealed good correlation (R2¼86%). NIR spectroscopy and
analytical pyrolysis were also used to develop PLS models capable
of predicting lignin S/G ratios from E. globulus [313]. Combinations
of spectral preprocessing techniques were evaluated including 1st
and 2nd derivative, vector normalization, multiplicative scatter
correction, and straight-line subtraction. Regardless of the 1st
derivative spectral processing technique, the correlation of det-
ermination was 0.96 with RMSEPs between 0.024–0.027. Second
derivative spectral data provided slightly less correlation (R2¼
0.92) and higher error (RMSEP¼0.036). NIR spectral data coupled
with pyMBMS lignin S/G ratios allowed the formation of PLS
predictive models for the high-throughput screening of Acacia
and eucalypt plants [317]. The diminished structural features and
spectral variance illustrated in the NIR spectral data were identi-
ﬁed as the likely reasons that the NIR predictions were less
accurate than those calculated using the MIR and Raman models.
6.5. Nuclear magnetic resonance
The unparalleled structural detail obtained using NMR has pro-
mpted researchers to routinely utilize this method in lignin mon-
omer analysis, and S/G ratio determination [61,64,78,81,128,
134,137,141–143,146,154,156,158,161,166,167,196,318]. HSQC 2D-
NMR was used to probe lignin monomer composition in young
and adult eucalyptus trees [156]. The calculated S/G/H contents and
S/G ratios were in close agreement with results obtained using
pyGCMS, and indicated an increase of S lignin moieties with time.
MSL and CEL isolated from wheat straw were assessed using HSQC
and 13C NMR [166]. The authors endeavored to develop a rapid and
quantitative NMR method capable of spectrally resolving the
crowded aromatic region of the NMR spectra prevalent in complex
herbaceous lignin samples. The S/G ratio of the MSL and CEL was
0.63 and 0.69, respectively, whereas wet chemical degradative
methods measured relatively even S and G contributions. The
authors suggest that this NMR technique may be more suitable for
depicting lignin monomer composition. Rencoret and co-authors
developed a technique enabling the in situ analysis of Agave, eucalypt,
and spruce lignins [158]. Swelling of the ball-milled samples was
achieved using DMSO-d6, resulting in a gel. MWL spectra allowed the
identiﬁcation of representative lignin peaks in the spectra of whole
plant samples. Comparison of the S/G ratio of MWL to whole ﬁber
revealed good agreement, thereby indicating that this technique
could be employed to quantify key lignin moieties without requiring
the tedious isolation of the lignin fraction. Miscanthus was thor-
oughly dissolved in DMSO-d6 containing [Emim]Oac for analysis with
HSQC 2D-NMR [143]. Other solvent systems reported in the literature
such as DMSO-d6/pyridine-d5 or DMSO-d6/NMI-d6 (perdeuterated
N-methylimidazole) do not completely dissolve the biomass. Appli-
cation of a time-zero extrapolation to correct for differential relaxa-
tion resulted in more accurate measurements of phenotypic para-
meters including the lignin S/G ratio (0.67). The S/G ratios of
Miscanthus x giganteus lignins, isolated using different solvents and
reﬂux times, were quantiﬁed using HSQC 2D-NMR and these results
were compared with those calculated from thioacidolysis/GCMS
[196]. The S/G ratio did not signiﬁcantly vary with increasing ethanol
concentration or reﬂux time (0.54–0.61), but increased to 1.08 when
dioxane was used as the reﬂux solvent (S/G¼2.18, when GCMS
quantitation was used). This alteration has not yet been determined
to stem from the properties of the extraction solvents or from the
modiﬁcation of the isolated lignin. The analysis of the lignin mono-
mer composition of 13C-enriched corn stover dissolved in perdeut-
erated pyridinium chloride–DMSO-d6 [146], lignin isolated from
industrial black liquor [61], and changes in eucalypt lignin structure
following alkaline deligniﬁcation by kraft, AQ, and soda-AQ pro-
cessed [64] further illustrate the advances and applications of HSQC
2D-NMR for the measurement of lignin monomer composition in
complex environments for diverse feedstocks.
Xia et al. used 13C and 31P–NMR to quantitate hydroxyl and
methoxyl functionalities in model compounds as well as Round-
Robin standard lignins including Indulin kraft pulping, steam
explosion yellow poplar, and steam explosion aspen lignins
[318]. 1,3,5-trioxane and pentaﬂuorobenzene were employed as
internal standards to facilitate comparison with the results of
other laboratories. NMR spectroscopy has been utilized for the
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analysis of lignin monomer composition in other diverse ligno-
cellulosic feedstocks including acacia [142,154], banana leaves
[128], Corymbia [142], Eucalyptus [142,154], fruit and vegetable
ﬁber [141], giant reed [81], Miscanthus [81], sugarcane [167], and
wheat straw [137], to name a few.
7. Conclusions
This review provides a broad synopsis of recent, cutting-edge,
research in the effort to cultivate a more thorough comprehension
of lignin, qualitatively and quantitatively. Although no single
method may stand alone as the superlative analytical method,
techniques involving, for example, advances in NMR, imaging,
mass spectrometry, and vibrational spectroscopy, during the last
decade, have facilitated the construction of a more expansive
toolbox to consult for a variety of lignin applications. While many
laborious wet chemical techniques are still employed, and perhaps
necessary for certain purposes, the development of high-through-
put, multivariate analysis modeling as a way to efﬁciently screen
biomass for key biofuel traits, such as low lignin content, or high S/
G ratios, has enabled more plants to be surveyed with shorter
analysis time, and decreased consumable usage. Advances in
pyMBMS have provided another innovative, high-throughput
technique for probing lignin monomer content. 2D-NMR is one
of the most prevalent techniques developed during the last decade
for probing lignin structure, linkages to carbohydrates, and quan-
tifying speciﬁc functionalities and linkages present in lignin.
Further advancements in these analytical tools, as well as in future
methods yet to be conceived, can only build upon the foundation
laid by the research described in this review.
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